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Ponds in Frederick, MD were fertilized with chicken manure to increase the 
nutrient load in the water and stimulate microalgal growth. Nutrient analyses indicate 
that fertilization results in significant increases in the DOC, TDN, and TDP. The 
bacterial and eukaryotic microalgal communities were analyzed using 16S and 18S 
rRNA gene sequencing, respectively. Communities were analyzed pre-fertilization 
and for 15 days following fertilization. Molecular data reveals a decrease in diversity 
as microalgal blooms form. The microalgal density increased following fertilization, 
with enrichment for the Chlamydomonadales order. Prior to fertilization the bacterial 
communities were dominated by five phyla: Actinobacteria, Bacteroidetes, 
Cyanobacteria, Proteobacteria, and Verrucomicrobia. Dominant bacterial genera 
post-fertilization included Flavobacterium, Limnohabitans, and Polynucleobacter. 
Bacteria isolated from the ponds were screened for effects on Scenedesmus sp. HTB1 
  
to identify bacteria that either enhance or inhibit microalgal growth. The growth-
promoting bacteria were closely related to bacteria found to be enriched during 
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Chapter 1: Microalgae: from their evolution to an energy 
revolution 
1.1 Algae evolution, diversity, and current technological uses 
Prior to the evolution of cyanobacteria, a young planet Earth was nearly devoid of 
oxygen. This changed during the “Great Oxidation Event” that occurred 2.4 billion 
years ago (1). The earliest stages of the Great Oxidation Event may have begun more 
than a billion years prior to the deduced timing of the observed event (2–5). The 
increase in molecular oxygen allowed for the proliferation of ancient life forms that 
were able to adapt to this dramatic change in the ocean’s biogeochemistry. The 
diversity of the surviving prokaryotic life forms provided the first steps to creating 
ancient eukaryotic algae. The endosymbiosis of an Alphaproteobacteria by another 
prokaryote to form an early heterotrophic protist is estimated to have happened 1,200 
million years ago (6). The first lineages of photosynthetic eukaryotic organisms are 
theorized to have occurred in a singular evolutionary event (termed primary 
endosymbiosis) when heterotrophic protists captured cyanobacteria and integrated 
them within their cells as plastids to make the first eukaryotic algae (7–10).  
Through molecular, phylogenetic, and ultra-structural studies of algal plastids, the 
algal lineage has been determined to be a diverse monophyletic group (5, 7, 11–13). 
The first plastid acquired by a protist is aptly named the “primary plastid” and is 
found in three lineages with unique characteristic plastids: the glaucocystophytes, the 
red-algae, and the green algae and plants (9, 14–16). As the algae became 





diversity within the “algal” lineages, eventually including multicellular macro alga 
such as the kelps. 
These subsequent evolutionary events, termed “secondary endosymbiosis”, 
involved the ingestion of a green or red alga by another eukaryote to create the 
chlorarachniophyta and the cryptomonads, respectively. Upon ingestion, the cells 
inherited four organellar genomes: a plastid, a nucleus, mitochondria, and a remnant 
of the ancestral endosymbionts’ nucleus called a nucleomorph (17, 18). Several taxa, 
including euglenoids, heterokonts, diatoms, and haptophytes, do not contain a 
nucleomorph, but still are thought to be derived from secondary endosymbiosis as 
their plastids are closely related to green and red algae (19–21). To further advance 
the endosymbiotic route of evolution, some dinoflagellates (particularly ancestral 
Karenia brevis) have been shown to contain the plastid from haptophytes producing 
peridinin, which subsequently became replaced with an accessory pigment, 
fucoxanthin, through another tertiary symbiosis (22, 23). Though the plastid is of a 
monophyletic origin in the Archaeplastida group; the remarkable diversity and 
succession of endosymbiotic events has resulted in microalgae becoming a deeply 
branched set of polyphyletic organisms (17), as a result of the complex series of 
endosymbiosis events as illustrated in figure 1. 
Given the diversity of the algal lineage, algae have evolved numerous 
mechanisms that allow them to both survive and proliferate under a wide range of 
environmental conditions. Many of these evolutionary traits that have enabled 
microalgae to become resilient around the world have also resulted in great human 





biotechnology. The first recorded use of microalgae dates to a famine in China 2,000 
years ago when humans consumed Nostoc, a cyanobacterium, in order to survive 
(24). It is now common to eat other types of algae to either augment our foods as in 
the use of seaweeds with sushi, or as dietary supplements such as those comprised of 
Spirulina. Current research examining the high lipid content of eukaryotic microalgae 
extends their use as a potential source of cooking oil that may be cheaper than 
conventional plant oils and with added health benefits (25).  
Beyond the use of algae as a food product, algae have additional desirable 
characteristics that make them suitable for production of other useful commodities. 
For example, some algae have a high concentration of carotenoids with antioxidative 
properties which have shown to have applications in human medicine (26–28). 
Physiologically, the carotenoids in algae and in higher plants act both to harvest light 
energy as well as protect the chloroplast light-harvesting antennae from photo-
oxidative damage (29–31). Microalgae also produce large quantities of lipids, making 
them not only a suitable source of nutrition for both agricultural and human purposes, 
but also the high accumulation of lipids make microalgae an attractive source for 
biofuels (32–39).  
Microalgae are one of the oldest and most diverse groups of organisms on the 
planet, with evidence tracing their ancestry to the pre-Cambrian era (more than 540 
million years ago). Fossil fuels mined from China contained compounds that are 
similar to hydrocarbons produced by modern algal species (40). The combustion of 
these fossil fuels powers our vehicles, but consequently releases CO2 into the 






Figure 1.1: Schematic diagram summarizing the endosymbiotic events resulting in algal 
diversity. Primary endosymbiosis involved the engulfment of a cyanobacterium by a 
heterotrophic aerobic bacterium resulting in the Glaucophytes, the Rhodophytes (red algae), 
and the Chlorophytes (green algae and land plants). The resulting red and/or green algae were 
further engulfed by another heterotrophic green algae in a secondary endosymbiotic event 






such as wind and solar power, continue to grow in popularity, but they also have their 
own technical issues and infrastructure problems. Wind energy requires large 
investments to expand the infrastructure to cities in low wind areas. These large wind 
turbines have also been to blame for affecting wildlife, namely killing birds and bats 
who fly into the turbines (41) (https://energy.gov, accessed May 2017). Solar energy 
is becoming more attractive for small roofs, but the solar panels themselves are large, 
expensive, and not efficient enough to power large communities without sacrificing 
usable land (https://understandsolar.com, accessed May 2017). As an alternative to 
traditional fossil fuels that require drilling and increased risks of oil spills, microalgal-
derived biofuels can be generated in virtually any environment with minimal impact 
on wildlife and can utilize the already established petroleum-based infrastructure. 
1.2 Algae as a biofuel 
In 1978, President Jimmy Carter and the U.S Department of Energy’s Office of 
Fuels Development created the Aquatic Species Program, whose focus was to 
produce biodiesel from algae grown in outdoor ponds using CO2 waste from coal 
burning power plants.  Though the program was terminated in 1996, research was not 
abandoned (32). The U.S Department of Energy continued to recognize the potential 
efficiency of algal-derived biofuels over terrestrial-plant based biofuels (41, 42). 
Bioenergy from algal feedstocks provides several advantages over traditional biofuels 
from crops such as corn or sugar cane: 1) Microalgae can grow in ponds on non-
arable land, and therefore do not compete with food crops for fertile land; 2) Algae 
can grow in wastewater for the dual purpose of mitigating the effects of agricultural 





terrestrial plant counterparts; and 4) They are carbon neutral, meaning the carbon 
released from the combustion of the biofuel was directly fixed from CO2 in the 
atmosphere (32–34, 43).  
Land based biofuels such as corn, soy, or palms are estimated to require 24% of 
the United States’ cultivable land to meet 50% of the U.S fuel needs. The conversion 
of previously undisturbed ecosystems to crop-land for biofuel production would result 
in greater release of CO2 than a given crop can fix, creating a counterproductive 
practice (44, 45). Alternatively, microalgae would only require 1-3% of cultivable 
land and can be maintained in a dedicated culturing vessel as opposed to being 
subjected to crop rotations like many other terrestrial biofuel-producing plants (33, 
43, 46).  
Microalgae are useful indicators to the health or trophic state of aquatic 
environments (47–52). It has been well established that microalgal growth and 
diversity are tightly correlated with the concentration of available phosphorous (53–
57). Models relating algal biomass to the total phosphorus in ponds have been used as 
a proxy for potential productivity (55, 57, 58). However, phosphorous is not the only 
limiting factor for algal growth, but rather their growth obeys Liebig’s Law of the 
Minimum (59, 60). Regression analyses on chlorophyll a with total phosphorus and 
total nitrogen found that both nutrient concentrations were significantly related with 
the chlorophyll a biomass proxy (61). Redfield (1958) defined a ratio of carbon-to-
nitrogen-to-phosphorus (106:16:1) that is required to maintain growth of microalgae. 
Large ratios indicate that phosphorus is the limiting nutrient; smaller ratios imply that 





source increases, the water source is said to undergo eutrophication; it becomes 
eutrophic. Anthropogenic interactions with these water sources have been identified 
as the major contributor of both nitrogen and phosphorus to marine, estuarine, and 
freshwater systems (62). The eutrophication of these aquatic environments creates a 
suitable habitat for microalgae which can result in a bloom. The ability of microalgae 
to proliferate in eutrophic waters make them a suitable tool for mitigating wastewater 
run-off (63–65). Industrial by-products including flue gas have also been used to 
supply microalgae cultures with CO2 for the dual purpose of enhancing growth of the 
culture and mitigating CO2 output from a power-plant (66–68).  
Though fossil fuels have been the driving force behind industrial proliferation, the 
byproducts from their combustion have silent and long-lasting effects. Traditional 
fossil fuels have been heavily implicated in global climate change, primarily by 
releasing greenhouse gases such as CO2. It has been estimated that the energy sector 
is responsible for approximately 70% of anthropogenic effects due to the production 
of greenhouse gases from the expenditure of non-renewable fossil fuels (69). The 
emission of CO2 presents a long-standing problem; a portion of the released 
greenhouse gas has been shown to decay within 3-4 years, but the larger portion has 
been modeled to decay much slower, lasting more than 200 years. It should be noted 
that these models are often complicated by some confounding factors such as plant 
biomass and gas exchange with the ocean surface (70). The danger of consuming 
such high quantities of fossil fuels like coal, oil, or natural gas is the release of long 
sequestered carbon sources into the atmosphere which in turn have been correlated 





advantage of algal biofuels would play a crucial role to halt the accumulation of CO2 
in the atmosphere. Because they are photosynthetic organisms, they acquire carbon 
from the atmosphere to generate biomass. When the biomass of the algal feedstock is 
converted into a combustible fuel source, only the carbon fixed from their growth is 
released back into the atmosphere, earning this process the label “carbon-neutral.” 
1.3 Biofuel production 
The advantage of photobioreactors and the construction of raceway ponds to grow 
algae en masse has allowed researchers to manipulate cultures of microalgae to 
experiment with and identify industrially useful strains, particularly those that 
produce a variety of fatty acids, or lipids (34, 41, 42). Biodiesel is traditionally 
derived from the transesterification of linear chain fatty acids (73), which many algae 
are capable of creating in a form called triacylglyceride (TAG). TAG is a product 
from the diacylglycerol acyltransferase (DGAT) genes. Typically, lipid synthesis is 
induced by stressing a microalgal culture with light, pH, or nutrient starvation. The 
culture is then harvested and dried to produce an algal paste, after which chemical-
based lipid extraction is performed to harvest the lipids for conversion to biofuel (33, 
37, 74). 
However, problems with mass production paired with laborious methods needed 
to extract lipids and convert them into biofuel has made this strategy cost prohibitive 
(75). Transesterification requires the use of an organic solvent at a minimum ratio of 
3:1 moles of solvent to TAG, but is often used in excess to favor the formation of 
methyl esters (33, 76). Other co-products from processes that extract high-value 





industries (77). Alternative methods to generate biocrude, a mix of different sized 
hydrocarbons, such as liquefaction, bypasses the need for a solvent extraction step. 
This reduces the cost for expendables and re-focuses the priority on the efficiency of 
fuel conversion. For this reason, multi-fraction processing studies have been 
performed to produce the maximum energy from a culture of algae and to study what 
is required for microalgal-derived biofuels to become a viable product (78, 79). In 
2010, Ross et al. showed that different types of microalgae can be converted into 
biocrude oil through a process called hydrothermal liquefaction (HTL) (80). 
Subsequently, Zhou et al. (2013) introduced the “Environmental- Enhancing Energy” 
(E2-Energy) system that locally recycles nutrients from wastewater and continuously 
converts low-oil, mixed algal-bacterial biomass into biocrude using HTL (78). Using 
a mathematical model, Zhou et al. predicted that E2-Energy operations could amplify 
the biomass and biofuel production using wastewater by up to 10 times (78).  
HTL is a process that treats biological materials with high temperature and 
pressure to convert any biomass, including carbohydrates, proteins, and lipids into 
biocrude (81). HTL has become a more attractive route for biofuel production due to 
its non-discriminating method of converting organic compounds into biocrude (82). 
Biocrude production via HTL relies on the amount of biomass available, reducing the 
need to manipulate the algae’s metabolic physiology and instead focusing on how to 
optimize biomass production. It should be noted that having a high-quality lipid-
containing feedstock may yield higher quantities of alga-derived biofuels after 
hydrothermal liquefaction (83–85). The mass production of algal biofuels will likely 





high capital associated with closed systems (86). It is impossible to maintain axenic 
(bacteria-free), or even uni-algal cultures during the growth phases of microalgae in 
large open ponds. Although, it has been found that highly-diverse microalgal 
communities (known as polycultures) are more efficient at nutrient utilization, 
produce more biomass, and contain a higher carbon content compared with 
monocultures (57, 87, 88). Algal biomass and lipid content has been shown to be 
positively associated with communities rich in species diversity (87, 89, 90). 
Interestingly, eutrophication has been shown to reduce the species diversity, 
indicating a selection process for species that are more suited to thrive in nutrient rich 
conditions (91–94). When algae are grown in large open ponds, the culture is subject 
to invasion by microalgal-predators such as Daphnia species and can cause the 
cultures to “crash” or die (95, 96). Efficient open pond cultures will require a 
thorough understanding of how blooms of microalgae develop, how they interact with 
their associated bacterial communities, and how this may affect the biocrude end-
product (43). 
1.4 Bacteria to improve algae-derived biofuels 
From a biological standpoint, the symbiotic relationship between algae and 
bacteria that leads to a successful bloom is a “black box” that is little studied and 
poorly understood. As an algal bloom develops, the community composition of the 
associated bacteria changes dynamically; the interactions between the algae and the 
bacteria change due in part to environmental conditions (97). Several studies have 
shown that approximately 50% of microalgae are dependent on bacteria for vitamin 





meta-analysis showed that 101 bacterial isolates from 40 macro- and microalgae only 
represented six phyla of bacteria (101, 102). Marine diatom species have also been 
shown to be associated with specific bacterial species (101, 103). A study of bacterial 
host specificity associated with freshwater phytoplankton revealed differences 
between the attached and free-living bacterial communities, suggesting that algal-
bacterial associations are varied and complex (103, 104) .  
A metagenomic analysis on the bacterial community associated with C. 
sorokiniana cultures in a photobioreactor identified a fungus as well as the 
actinobacteria Microbacterium trichotecenolyticum, to promote the growth of the 
microalga (105). Numerous studies have revealed that individual bacterial isolates 
can promote microalgal growth in communities, with mechanisms of the interactions 
ranging from the bacteria fixing nitrogen to sharing bioactive compounds (105–108). 
Specifically, a bacterium, Azospirillum sp., produces an auxin called indole-3-acetic 
acid (IAA) that is proposed to be transferred to Chlorella cells, promoting growth 
(109–111). This has been shown to be a reciprocal relationship; microalgal cells 
release oxygen along with carbon sources to promote bacterial growth which, in turn, 
produce the two compounds required for the bacteria to produce IAA (105, 112–114).  
The harvested microalgal biomass used for HTL conversion inevitably includes 
the bacterial community associated with the algae growing in an open pond. It should 
be noted that Stockenreiter et al. (2012) demonstrated that polycultures of microalgae 
exhibited increased lipid production in both natural and laboratory cultures (90). 
Though the diversity of microalgae may influence lipid production, no bacterial 





To date, no studies have performed experimental metagenomic analyses on the 
impact that the microalgal microbiome has on the diversity of microalgae in open-
pond systems. Therefore, the following research proposes to characterize the bacterial 
and microalgal communities that simultaneously change in the days following 
eutrophication. The ponds were fertilized with chicken manure which resulted in 
significant increases in the nutrient concentrations. Next generation sequencing 
methods were employed to molecularly distinguish the bacterial and microalgal 
communities using the 16S rRNA and 18S rRNA genes. Changes in the communities 
were tracked pre- and post-fertilization, with the aim of identifying dominant 
microalgae and bacteria that cohabitate the same space. The bacterial communities 
were also cultured to screen individual isolates for symbiotic interactions between the 





Chapter 2: Diversity of bacterial communities associated 
with microalgae grown for biofuel production in man-made 
ponds following artificial eutrophication 
2.1 Abstract 
In the natural environment microalgae live in symbiosis with bacterial 
partners and that can have variable effects on each other’s growth. In the present 
study, three artificial ponds filled with five million liters of water from a local stream 
were each fertilized with five tons of chicken manure to stimulate a bloom of 
microalgae. The bacterial community diversity was determined by 16S rRNA gene-
based sequencing over a period of 15 days to track temporal community changes. 
Each pond contained an innate characteristic bacterial community prior to the 
fertilization. Introduction of the fertilizer inoculated the ponds with bacteria present in 
the manure, though these taxa were not capable of persisting in the pond 
environment. Fertilization of the ponds significantly increased the total dissolved 
nitrogen and total dissolved phosphorus in pond water. The most predominant 
changes in the bacterial communities occurred within the autochthonous populations 
rather than as a result of bacteria introduced with the manure. Analysis of the genera 
that rose to dominance post fertilization showed enrichment of bacterial lineages 






It has long been understood that the health and fitness of multicellular plants 
are affected by the bacterial symbionts that colonize the soil around the roots, called 
the rhizosphere (115). Similarly, within the aquatic environment, bacteria that reside 
in the area immediately adjacent to phytoplankton are said to be within the 
“phycosphere” (116). The bacteria that reside in these areas that are associated with 
green algae and plants have been referred to as plant growth promoting rhizobacteria 
(PGPR) or plant growth promoting bacteria (PGPB) (117–119). Contributions of the 
bacteria to the plants or algae can include producing phytohormones (auxins), 
dissolving organic rock phosphate, producing vitamins, and creating antibiotics to 
ward off pathogens (98, 110, 114, 120–126). It is worth noting that these relationships 
are not limited to the bacteria working for the algae but can be a mutual interaction. 
Cho et al. (2015) not only showed that an artificial microalgal-bacterial consortium 
produced higher lipid content and quality, but that the consortium of bacteria and 
microalgae may be able to switch from commensal symbiosis to mutual symbiosis 
depending on the growth phase (127). This type of change in the symbiotic 
relationship is referred to as the continuum model (128). Recently, researchers have 
proposed engineering the microbiomes of plants and animals with the aim of 
improving their growth, productivity, and overall health (129).  
The word “algae” is a colloquial term referring to a general group of 
polyphyletic primary producers typically associated with bodies of water but are also 
found in soils and in symbiosis with fungi (i.e: lichens) (130, 131). Algae are one of 





their ancestry to the pre-Cambrian era (more than 540 million years ago). Fossil fuels 
mined from China were analyzed for their composition and revealed compounds that 
are similar to hydrocarbons produced by modern algal species (40). These 
hydrocarbons are the result of photosynthesis; the process that converts atmospheric 
CO2 to oxygen. Algae and cyanobacteria are responsible for approximately 75% of 
the primary production on the planet. The ability of micro algae to produce lipids has 
provided the world’s economy with such products as DHA, β-carotene, and various 
plastics (132). Solazyme, a major producer of algae-based products, has released a 
high oleic acid cooking oil produced from algae (133).  
Along with generating fossil fuels, algae also produce triacylglycerols that can 
be harvested and transformed into biofuels that provide an alternative to mined 
petroleum fuels (37). However, problems with mass production, lipid extraction, and 
converting the lipids to a useable fuel source has made this strategy cost prohibitive 
(75). Research continues in efforts to make algal-derived biofuels economic because, 
unlike other plant-based biofuel sources, algae can be grown relatively quickly in 
wastewater and on non-arable land, making optimization of these processes key to 
placing algae at the forefront of biofuel production. Experimental yields of oil from 
biomass has demonstrated that high-yield oil terrestrial crops would require 24% of 
the United States’ cultivable land to meet 50% of the US transportation fuel demands, 
whereas microalgae would require only 1-3% of cultivable land to provide 50% of 
U.S fuel needs (33, 43). 
The process of hydrothermal liquefaction can be used to turn algal biomass 





of lipids to proteins will increase the yield of the resulting biocrude (83, 84). To 
produce algae at a large enough scale to make the production financially feasible, 
culturing methods using large raceway ponds or open fertilized ponds have been 
proposed. These types of culturing methods are not conducive to axenic (bacteria-
free) or maintaining unialgal cultures which make the growth of microalgae a 
dynamic process and rather unpredictable, though some bacteria are often required for 
healthy algal growth. Several studies have shown that approximately 50% of 
microalgae are dependent on bacteria for vitamin B12 and that a species of Chlorella 
will grow more quickly when co-cultured with various bacterial isolates, and even a 
fungus (98, 105). Specifically, an Azospirillum species has been described that 
produces an auxin called indole-3-acetic acid (IAA) that has been proposed to be 
transferred from the bacteria to Chlorella cells to promote growth (110, 125). The 
microalgal cells release carbon sources for bacterial growth along with two 
compounds required for the bacteria to produce IAA (113). However, until recently, 
the evidence for the exchange of these metabolites has been “circumstantial”. 
In this study, multiple ponds were fertilized with a high nutrient manure and 
the microalgal and bacterial communities in ponds were monitored prior to and post 
fertilization using high-throughput sequencing and 16S ribosomal RNA gene 
sequencing identification techniques. The monitoring of the nutrient concentrations in 
conjunction with studying the microbial ecology in the ponds provides insights into 
the co-occurring bacterial communities that are present with the microalgae that are 
grown in open-pond polycultures. Detailed analyses of the bacteria associated with 





microalgae as well as bacteria that have beneficial or deleterious effects on microalgal 
growth. 
2.3 Methods 
2.3.1 Sample collection and processing 
In the summer of 2016, pond 1 (labeled 1_F16) and pond 5 (5_F16) about 1 
acre each, in Frederick, MD, were filled with approximately 5 million liters of 
freshwater water from a nearby stream. Each pond was then fertilized with 5 tons of 
chicken manure to stimulate blooms of microalgae. Fertilizer was introduced into the 
ponds on Day 0 after sample collection. The first sample collection of fertilized water 
occurred on Day 1, approximately 24 hours post-fertilization. Different nutrient 
dispersal strategies were used in each of the two ponds in 2016. In 1_F16, an active 
nutrient dispersal system utilized an out-board motor to circulate the water and 
fertilizer as the manure was dumped into the pond. In 5_F16, a passive nutrient 
dispersal strategy was used in which the manure was placed onto the edge of the pond 
and a hose was used to spray masses of manure into the pond. This strategy relied on 
the natural movement of the pond water to spread the nutrient throughout the pond 
over time. Fertilization of each pond occurred 17 days apart. A third, unfertilized 
pond, pond 2 (2_F16), was also sampled at the end of the experiment in October of 
2016 to assess community variability between ponds. In 2017, pond 1 (1_F17) was 
filled and fertilized again using the same active nutrient dispersal method. The same 
unfertilized pond was sampled in parallel to the fertilized pond in 2017 (2_F17) 





Replicate water samples from the center and at either pole of each pond were 
collected from the top six inches of the water of each pond (Fig. A2.1). Samples were 
collected with sterile carboys covered with a 200 µm mesh to eliminate large particles  
 
Table 2.1: The sampling scheme of the experiment. Sampling site, treatment, dispersal 
methods, and number of replicates is provided. Control treatment refers to a pond that had 
never been fertilized. Two dates in the control pond, 2_F16, are not listed and were sampled 
on October 4, 2016 and October 6, 2016. 



















1_F16 Pond 1 
(2016) 
Fertilized Active (NA) N = 2 N = 2 N= 2 N = 2 N = 2 N = 2 
5_F16 Pond 5 
(2016) 
Fertilized Passive (NA) N = 2 N = 2 N= 2 N = 2 N = 2 N = 2 
1_F17 Pond 1 
(2017) 
Fertilized Active N = 3 N = 3 N = 3 N = 3 N = 3 N = 3 N = 3 
2_F17 Pond 2 
(2017) 
Control none N = 3 
(NT) 
N = 3 
(NT) 
N = 3 
(NT) 
N = 3 
(NT) 
N = 3 
(NT) 
N = 3 
(NT) 
N = 3 
(NT) 
 
and detritus. Collection occurred on the day prior to fertilization, the day of 
fertilization-immediately before fertilization, the day after fertilization, and then on 
days 6, 12, and 15 post fertilization. A seventh timepoint six days prior to fertilization 
was included in 2017 to monitor the stability of the native communities in the ponds 
(Table 2.1). All samples were stored on ice until processing. Two liters of water from 
each sample was aliquoted after mixing by swirling then serially filtered through 6 
µm and 1 µm filters to collect microalgae and their closely associated bacterial 
assemblages. From this filtrate, the small and free-living bacteria were captured on 
0.22 µm SterivexTM filters. The resulting filtrate was collected for quantification of 





dissolved phosphate (TDP) in the ponds. The nutrient analysis was performed by the 
Nutrient Analytical Services Laboratory at the Chesapeake Biological Laboratory, 
University of Maryland Center for Environmental Science. pH values were taken 
from the samples collected in 2017. 
Water from each sample was serially diluted and plated on R2A plates to 
enumerate culturable bacterial communities pre- and post-fertilization. Plates were 
incubated at 27oC for 48 hours, until visible colonies appeared, at which point they 
were counted. Unfiltered water from the mixed carboy sample was diluted 1:1 in 4% 
formaldehyde (2% formaldehyde, final concentration), allowed to fix overnight at 
4oC, stained with 300 µM of DAPI, and filtered onto 0.1 µm black polycarbonate 
filters. Epifluorescence microscopy was used to enumerate the bacteria; chlorophyll 
autofluorescence was used to count the photosynthetic microbes. 
An analysis of the bacterial communities within chicken manure from three 
sources was performed to assess the bacterial communities inoculated into the ponds 
upon fertilization with chicken manure. The chicken manure samples were designated 
A1, A2, and Manta17. Samples A1 and A2 were sourced from egg laying hens in 
2017 and 2016 respectively, from a farm in Hydes, MD. Manta17 was sourced in 
2017 from egg laying hens housed in chicken houses from a farm in Thurmont, MD. 
2.3.2 DNA extraction, sequencing, and data processing 
DNA was extracted from each sample using Qiagens DNeasy PowerWater 
(with alternative lysis steps, i.e: heating) and PowerWater SterivexTM kits. 
Duplicate DNA extractions for each filter type were performed and DNA samples 





was normalized to 5 ng/mL prior to pooling to ensure equal representation of each of 
the filter fractions’ community. Prior to submission for next generation sequencing, 
each sample had the V4 region of the16S gene amplified by PCR with 515F (5’- 
GTCCCAGCMGCCGCGGTAA-3’) and 806R (5’-
GGACTACVSGGGTATCTAAT-3’) to confirm that the DNA was of sufficient 
quality to serve as a substrate for PCR amplification. The bacterial communities were 
classified based on the filter size on which they were captured; large 
bacteria/aggregates/close algal symbionts were collected on the 6 µm and 1 µm filters 
sample (x >1 µm); small/free-living/loosely associated symbionts were collected on 
the 0.22 µm filter (1 µm >x > 0.22 µm).  
Bacterial communities were characterized by sequence analysis of the V3-V4 
hypervariable region of the 16S rRNA gene using the primer pair S-D-Bact-0341-b-
S-17, (5’-CCTACGGGNGGCWGCAG-3’), and S-D-Bact-0785-a-A-21 (5’-
GACTACHVGGGTATCTAATCC-3’) (134, 135). All sequencing was conducted on 
the Illumina MiSeq platform at the BioAnalytical Services Laboratory (BAS Lab) at 
the Institute of Marine and Environmental Technology, Baltimore, MD.  
To assess the relative quantitative accuracy of the next generation sequencing 
platform, our bioinformatic pipeline, and our DNA extraction methods, a synthetic 
mock community was created with five bacterial isolates from two phyla, the 
Bacteroidetes including Cloacibacterium normanense IMET F and Rudanella sp.; 
and the Proteobacteria, including Gemmobacter sp., Serratia sp., and Rhodobacter 
sp. All cells were inoculated into 2 L of sterile deionized water in equal proportions 





fluorescent DAPI staining. Each bacterium included in the synthetic mock 
community had the DNA extracted from pure cultures using MoBio’s UltraClean 
Microbial DNA Isolation kit. The 16S rRNA genes were sequenced using Sanger 
sequencing technology with the primer pair 27F (5’-
AGAGTTTGATCMTGGCTCAG-3’) and 1492R (5’-
TACGGYTACCTTGTTACGACTT-3’). The resulting sequences were appropriately 
trimmed and aligned to create the full length 16S gene sequence. NCBI BLAST was 
then used to extract the sequences from the five top scored matches (if available) with 
97% sequence identity. These representative sequences were used as the reference 
database for the artificial mock community OTU picking. 
The output from the MiSeq platform generated forward and reverse sequences 
300 nucleotides in length for the 16S rDNA gene. Sequences were pre-processed 
using the CLC Genomic Workbench by importing the data as paired-end reads, 
quality trimming, merging overlapping pairs, and trimming all sequences to a fixed 
length; bacterial 16S rRNA gene sequences yielded 420 nucleotides. The resulting 
high-quality sequences were exported into the Quantitative Insights into Microbial 
Ecology (QIIME) program (136) for open reference operational taxonomic unit 
(OTU) picking and taxonomic classification using Uclust (137) with the Silva 128 
database (138). Alignments of the representative sequences were created using 
Python Nearest Alignment Space Termination (PyNAST) for each OTU and were 
used to produce nearest-neighbor Newick formatted, mid-point rooted trees with 
FastTree for downstream phylogenetic analyses. Taxonomic identities were defined 





16S rRNA genes derived from the chloroplast and mitochondrial genomes within 
eukaryotic microbes, sequences that identified as either chloroplast or mitochondria 
were removed prior to analyses of bacterial communities.  
Divisions based on the treatment type were performed and the distribution of 
OTU counts against the number of OTUs present were plotted. The core diversity of 
the communities within each treatment was defined by identifying spurious OTUs as 
those that did not occur 10 or more times in two samples of similarly treated ponds on 
the same filter size (Fig. A2.2). Uneven sampling depth was accounted for by 
rarefying to an even depth of 4,900 sequences per sample. Singletons were removed 
from the control communities and then rarefied to an even depth of 21,000 sequences. 
2.3.3 Diversity and statistical analyses 
All diversity analyses were performed using R and the phyloseq package 
(139). Prior to subsampling to an even depth for statistical analyses, the relative 
abundance of the phyla present in each pond was determined for OTUs whose 
relative abundance was greater than 0.1%. Uneven sampling was corrected by 
rarifying each sample to an even depth of 4,900 sequences per sample. After rarifying 
the data to an even depth, alpha-diversity was determined with the total number of 
observed OTUs to represent the richness, the Shannon diversity index, and Pielou’s 
evenness index. Kruskal-Wallis tests were performed to test the alpha-diversity for 
statistical differences between days. Nemenyi-tests were performed post hoc to 
identify which days were most different. Three methods were used to elucidate the 
beta-diversity of the communities within the ponds, the treatments (fertilized or 





analyses/multidimensional scaling plots created with Bray-Curtis dissimilarity (140) 
unweighted, and unweighted UniFrac (141) distance matrices were generated from 
the rarefied bacterial OTUs. Bray-Curtis dissimilarity uses the abundance of each of 
the OTUs in the samples to generate a dissimilarity matrix, whereas the weighted and 
unweighted Unifrac distances consider the phylogenetic distance as well as the 
abundance or the presence/absence of an OTU, respectively. Welch’s two sample t-
test was used to compare the differences between the two treatments. Due to the non-
normal nature of the environmental nutrient parameters, significance between non-
treated water and fertilized water as well as between each pond was tested with the 
Wilcoxon rank-sum test. To assess the innate natural differences and the influence of 
the treatment on the bacterial communities, permutational analysis of variance 
(PERMANOVA) was performed with the R package vegan using the adonis function 
(142). Analysis of similarity (ANOSIM) was used to determine the similarity between 
the treatments according to their Bray-Curtis dissimilarity distances. Similarity 
percentages (SIMPER) were then used to determine the OTUs which contribute most 
to the similarities within each sampling timepoint. Except where indicated, all 
replicate data were merged together to generate the whole pond community. 
Canonical correspondence analysis (CCA) was performed to correlate the influence 
of the nutrient data on each of the microbial communities. The significance of the 
nutrient data on the microbial communities was confirmed by performing Mantel 






2.4.1 Sequence processing and control communities 
Pre-processing and OTU picking resulted in a total of 11,725,950 sequences 
representing 271,802 OTUs. After removing the mitochondrial and chloroplast 
sequences from the total pool of 16S rRNA genes, 10,898,995 sequences remained 
(~7% reduction in sequences) with 189,927 OTUs (~30% reduction in observed 
OTUs). Removal of OTUs defined as spurious resulted in 9,748,049 remaining 
sequences and 5,445 OTUs in 144 samples, reducing the sequences and OTUs further 
by ~11.5% and ~97%, respectively (Fig. A2.2). 
The quality of the sequencing run was assessed by including three additional 
samples of a mock community containing five genera processed in the same way as 
other samples. Quality filtering resulted in 172,005 sequences; picking OTUs against 
the generated representative sequences, and removing singletons reduced the data to 
142,136 sequences representing 12 OTUs. All the diversity measures of the replicates 
fell within the same range indicating consistency between samples in the sequencing 
run (Fig. A2.3). The most dominant genera sequenced were the Cloacibacterium and 
Serratia, together making up over 90% of the community. Rudanella was also 
detected but was severely under represented, as with the other taxa that was not 
detected at a 0.1% community cut-off (Fig. A2.4). Rarefying the control sample to 
21,000 sequences per sample yielded rarefaction curves approaching its complete 





2.4.2 Chicken manure bacterial communities 
A survey of the bacteria in chicken manure performed on three different 
manure samples resulted in a total of 161,048 sequences with 18 phyla, 298 
identifiable genera and 7,004 OTUs. Singletons and doubletons were removed. The 
four dominant phyla were the Actinobacteria, Bacteroidetes, Firmicutes, and the 
Proteobacteria (Fig. A2.6). While the bacterial community composition was similar, 
of the 7,004 OTUs detected between all three samples, only 75 OTUs belonging to 31 
genera were shared between all three samples. The most abundant genera in the 
shared taxa were Jeotgalicoccus, Corynebacterium, Atopostipes, and 
Peptoclostridium. OTUs that were shared between the manure and the experimental 
ponds represented less than 1% of the community prior to fertilization and peaked 
immediately after fertilization when they made up an average of 6.8% of the 
community and continued to become less prolific over time, being below 2% at day 6 
and beyond (Fig. 2.1). As was expected, pond 1_F17 had the highest fraction of 
shared OTUs with manure because the manure sample originated from the source 
manure used to fertilize that pond. The passive nutrient dispersal method had the 
smallest fraction of shared OTUs but followed the same pattern. 
2.4.3 Nutrient analysis 
In 2016, two different dispersal systems were used to disseminate manure within two 
ponds which displayed varying patterns of nutrient concentration over time (Fig. 2.2). 
An active nutrient dispersal system was used in Pond 1 in both 2016 and 2017 to 
spread the nutrient. This resulted in a large spike in the TDN and the TDP 





decline in TDN but stable concentrations of TDP. A passive nutrient dispersal method 
was used in Pond 5 in 2016 and resulted in gradual increases in both the TDN and 
TDP, with these nutrients reaching their peaks on day 15. DOC concentrations did not 
appear to follow any expected pattern as the mean peak of pond 1_F16 and pond 
1_F17 appeared prior to their fertilization, on days -1 and -6, respectively. However, 
Welch’s two sample t-tests did not show a significant difference in any of the 
measured nutrient levels between the two ponds with different nutrient dispersal 
systems in 2016 (DOC: t = -0.288, p = 0.777; TDN: t = 1.271, p = 0.222; TDP: t = -
0.957, p = 0.354).  Wilcoxon rank-sum tests were also performed between the two 
experimental ponds in 2016 and the experimental pond in 2017 to reveal that there 
were also no differences in the nutrient levels between years within the experimental 
ponds (DOC: W = 262, p = 0.097; TDN: W = 274, p = 0.452; TDP: W = 208, p = 
0.442). Furthermore, all nutrient concentrations were significantly different between 
the fertilized water and the untreated water (DOC: W = 621.5, p = 0.005; TDN: W = 
882.5, p = 1.842 x 10-8; TDP: W = 972, p = 3.479 x 10-14). The two ponds sampled in 
parallel in 2017 showed identical patterns in their water temperature, as would be 
expected. In 2016, the two experimental ponds were sampled 17 days apart and had 
reciprocal temperature fluctuations. Canonical correspondence analyses (CCA) were 
done to visualize the degree of influence of each measured variable on the bacterial 
community (Fig. 2.3). CCA analysis showed that the communities in untreated water 
clustered very tightly to each other, compared to the communities in fertilized water, 
which appear to have no clustering effect. The bacterial communities were equally 





CCA1 = -0.994, CCA2 = -0.031; TDN: CCA1 = -0.681, CCA2 = -0.709), and the 
DOC had a minimal effect on the clustering of the communities (CCA1 = -0.211, 
CCA2 = -0.028). To augment the CCA, Mantel tests were performed to assess the 
strength of the correlation of each of the measured environmental parameters. There 
was a very weak positive correlation between the DOC and the bacterial community 
(ρs = 0.079, p = 0.026) as well as with the water temperature (ρs = 0.131, p = 0.002). 
The community showed the strongest positive correlations with TDN and TDP (ρs = 
0.524, p = 0.001; ρs = 0.472, p = 0.001), respectively corroborating the CCA results. 
 
Figure 2.1: The relative abundance of OTUs in the ponds that identified to OTUs 
present in the manure. The black vertical dashed-line represents the time of fertilization into 





Figure 2.2: Mean environmental variable by day for each pond. Error bars represent the standard error of the mean. The black vertical dashed-





Figure 2.3: Canonical Correspondence Analyses of the 18S rRNA gene communities. 
Vectors represent the degree of correlation provided by the measured variable. 
2.4.4 Taxonomy and diversity analyses 
The 12 most prevalent phyla found in all ponds comprised the Actinobacteria, 
Bacteroidetes, Chlorobi, Chloroflexi, Cyanobacteria, Fibrobacteres, Firmicutes, 
Parcubacteria, Planctomycetes, Proteobacteria, Spirochaetae, and the 
Verrucomicrobia (Fig. 2.4). From the 5,445 OTUs representing 9,748,049 sequences 





(99.7%). Representatives of the Actinobacteria and the Proteobacteria were found in 
143 samples of 144. OTUs that were the most prevalent did not necessarily represent 
those that had the greatest abundance. For example, the most abundant OTU was a 
Terrimicrobium sp. that appeared in 87 samples with 403,439 sequences (OTU: 
KP686956.1.1447). 
All unfertilized ponds show a similar distribution of the phyla within each 
pond with the Actinobacteria, Bacteroidetes, Cyanobacteria, Proteobacteria, and 
Verrucomicrobia being the most dominant phyla while the Armatimonadetes, 
Chlorobi, Chloroflexi, Firmicutes, Parcubacteria, Planctomycetes, and Spirochaetae 
are the minor phyla (Fig. 2.5). The control pond samples from 2016 and 2017 
originated from the same pond in two different years and showed similar distributions 
of the most dominant phyla for each year. The control pond in 2017 was sampled for 
longer (in parallel to the experimental pond in 2017) and portrayed a temporal 
variability of the previously mentioned phyla. As the Verrucomicrobia became more 
dominant, the Cyanobacteria and Bacteroidetes dominance decreased. Divisions of 
the communities from each pond based on the filter size was similar to the whole 
community (Fig. A2.7). However, the Cyanobacteria were almost exclusively 
detected on the x>1 m fraction. 
 After fertilization, Cyanobacteria and Verrucomicrobia 16S rRNA gene 
sequences were nearly undetectable. The Cyanobacteria and the Verrucomicrobia 
mean relative abundance before fertilization was 14.1% (SEM = 2.1%) and 14.8% 
(SEM = 2.3%), respectively. After fertilization those communities dropped to 1.6% 





Figure 2.4: Prevalence of the 12 most dominant phyla. The horizontal axis represents the 
number of samples an OTU occurs in; the y-axis shows the abundance of each individual 
OTU. 
 
dominant phylum in all fertilized ponds on the day following fertilization and on 
subsequent days. Other major changes at the phylum level include the proliferation of 
the Firmicutes after fertilization. The Actinobacteria and the Bacteroidetes were 
largely unaffected by the fertilization (Actinobacteria: 21.2% ± 2.5% and 18.4% ± 






Figure 2.5: Relative abundance of the most dominant phyla. Phyla that represent a 
minimum of 0.1% of the community in each pond. Charts 2_F16 and 2_F17 represent control 
ponds that were never fertilized. The date of sampling is provided with percent of the 
community contributed by each phylum. Experimental ponds are shown in the bottom graphs 






Rarifying the samples to an even depth of 4,900 sequences/sample removed 
one sample and 84 OTUs from the analysis. The rarefaction plot does not show a 
plateau of the curves indicating that more sampling depth would be required to obtain 
the entire community (Fig. 2.6). Richness, diversity, and evenness measures 
(observed OTUs, Shannon, and Pielou’s J indices) plotted through the progression of 
the experiment showed a trend towards a reduction in richness and evenness in all 
ponds; including the control pond (whole community: Fig. 2.7; filter size fractions: 
Fig. A2.8). Kruskal-Wallis rank sum tests on the treated ponds indicated that there 
were significant differences in the richness, the diversity, and the evenness within the 
samples according to sampling day of the experimental ponds as well as the dates 
within the control ponds (Table A2.1). Pairwise post hoc Nemenyi tests show there 
are no significant differences between each day in the fertilized ponds. The control 
ponds, however, had significant difference in the number of observed OTUs between 
day 1 and 12 (2 = 13.9, p = 0.03), and in Pielou’s J evenness index between day -6 
and 6 (2 = 14.7, p = 0.02), day -6 and 12 (2 = 25.4, p = 0.0003) and day -1 and 12 
(2 = 18.3, p = 0.005). Each of the communities were further explored by separating 
the different fraction sizes. In the experimental ponds, Kruskal-Wallis tests showed 
there were no statistical differences in the day of treatment from the communities 
captured on the 1m filter, while there were for the communities smaller than 1 m 
but larger than 0.22 m. Though, there were no significant differences in the pairwise 
tests. Contrary to the experimental ponds, the control pond (2_F17) showed statistical 
differences in each of the diversity measures for both fraction sizes. Post hoc tests 





Figure 2.6: Rarefaction of the bacterial communities. Colored lines indicate the pond and 
year from which the sample was collected. Line types indicate the if the sampled water was 
collected after fertilization (CM) or before fertilization (NT). 
 
evenness measure between day -6 and 12 for the x>1 m (2= 12.6, p = 0.05) and the 
1 m>x>0.22 m (2 = 12.6, p = 0.05) (Table A2.2, Table A2.3).  
The Bray-Curtis dissimilarity distance matrix, unweighted UniFrac distance, 
and weighted UniFrac distance matrices were generated to elucidate the differences 





patterns discerning the clustering effect of the communities within the treatment 
categories and the individual ponds (Fig. 2.8). The Bray-Curtis dissimilarity metric 
and the weighted Unifrac distance showed similar patterns no matter how the 
community groupings were defined. Considering the phylogenetic distance and the 
abundance of OTUs with weighted Unifrac distance, there were more similarities 
between the fertilized waters (CM) with the untreated water (NT) than when only 
accounting for OTU abundance with the Bray-Curtis dissimilarity. The opposite is 
true when investigating the community differences based on the filter size on which 
an OTU was captured. The unweighted Unifrac distance metric shows nearly 
complete separation between those communities that were present in the fertilized 
water samples and those that were present in samples from untreated water, as well as 
complete separation in the phylogenetic distances of bacterial communities retained 
on different filter sizes. The three distance metrics’ patterns of individual pond’s 
separation revealed similar patterns in that communities in all the fertilized water in 
the experimental ponds cluster closely with each other and the control pond 
communities cluster with the communities in pretreatment timepoints of the fertilized 
ponds. After the addition of the fertilizer, each ponds’ bacterial community began to 
disperse from its innate community structure. Weighted Unifrac metrics show the 
greatest percent variation explained (axis 1: 24.9%; axis 2: 18.1%) compared to the 
Bray-Curtis (axis 1 14.4%; axis 2: 10.3%) or the unweighted Unifrac (axis 1: 14.2%; 





2.4.5 Statistical similarities 
The PERMANOVA test (ADONIS) revealed that the ponds sampled 
accounted for more of the differences whether the pond was fertilized or not (Table 
2.2). However, the ANOSIM test results showed that the similarities between ponds 
and the similarities between the treatments were approximately equivalent. Further 
analyses comparing the individual ponds and the years within a treatment category 
exposed differences between the naturally occurring bacterial communities between 
each pond more so than the differences between each year (ADONIS: pond R2 = 
0.354, p = 0.001; year R2  = 0.193, p = 0.001). It is notable that ANOSIM tests 
between the years of the natural bacterial communities were more similar (R = 0.530, 
p = 0.001) than between each pond (R = 0.945, p = 0.001). The high degree of 
dissimilarity within each pond’s natural community may indicate that each pond has 
its own unique community. The experimental ponds were parsed out from the control 
pond to determine the overall similarities within the ponds and showed the day of 
treatment described the greatest reason for the variability in the ponds (ADONIS: R2 
= 0.214, p = 0.001). ANOSIM results confirmed that the days of treatment explained 
that there was more dissimilarity compared with the year or treatment type (R = 
0.389, p = 0.007) but the greatest differences were still between the individual ponds. 
Within the fertilized water, neither the year, pond, nor the day of treatment strongly 
explained the reason for the changes in the communities (ADONIS, year R2 = 0.193, 
p = 0.002; pond R2 = 0.145, p = 0.016), although the dissimilarities between the two 
sampling years were greater than between the ponds (ANOSIM: year R = 0.300, p = 





Figure 2.7: Mean alpha diversity measures of the algal community of each pond over time. Pond 2_F17 was never fertilized. Error bars 







Figure 2.8: Multidimensional scaling/principal coordinate analyses of bacterial 
communities. The top row is distinguished by the Bray-Curtis dissimilarity metric; the 
middle row shows separation based on unweighted UniFrac distances; the bottom row shows 











Table 2.2: ADONIS and ANOSIM tests describing the explanation of variation in the 
bacterial communities. ANOSIM values describe the similarity between ponds; R values 
range from 0-1, 1 representing no similarities between the ponds and 0 representing identical 
communities. * = replicates were not combined due to lack of sample size within 
comparisons. 
 
The dissimilarities between the total bacterial communities in the three 
experimental ponds ranged from 76.1% to 86.9%, as described by SIMPER analyses. 
There was a total of 73 OTUs within these ponds that explained 50% of the 
differences between communities in each of the ponds. These OTUs represented 
seven different phyla; Actinobacteria, Bacteroidetes, Cyanobacteria, Firmicutes, 
Parcubacteria, Proteobacteria, and Verrucomicrobia, with the Proteobacteria, 
All Pond Water Untreated Water* Fertilized Water 
ADONIS R2 P ADONIS R2 P ADONIS R2 P 
Pond 0.303 0.001 Pond 0.354 0.001 Pond 0.145 0.016 
Year 0.134 0.001 Year 0.193 0.001 Year 0.193 0.002 
Treatme
nt 
0.182 0.001 Date 0.372 0.001 Day 
Treat 
0.200 0.001 
         
ANOSIM R P ANOSIM R P ANOSIM R P 
Pond 0.581 0.001 Pond 0.945 0.001 Pond 0.494 0.001 
Year 0.351 0.002 Year 0.530 0.001 Year 0.300 0.043 
Treatme
nt 
0.58 0.001 Date 0.408 0.001 Day 
Treat 
0.262 0.061 
         
   Experimental Ponds    
   ADONIS R2 P    
   Pond 0.119 0.011    
   Year 0.169 0.001    
   Treatme
nt 
0.177 0.001    
   Day 
Treat 
0.214 0.001    
         
   ANOSIM R P    
   Pond 0.506 0.001    
   Year 0.343 0.005    
   Treatme
nt 
0.374 0.004    
   Day 
Treat 





Bacteroidetes, and the Actinobacteria being the most represented. These seven phyla 
represent the most variable bacterial OTUs between the ponds. To further elucidate 
the variable OTUs that are most affected by fertilization, samples from each 
experimental day within the ponds were compared, and OTUs contributing to the first 
50% of the cumulative dissimilarity were identified for each day.  
Dissimilarity between the experimental days for both years ranged from 
54.2% between the two untreated days (day -1 and day 0) to 88.1% between the 
sampling date six days prior to treatment and the final day of the experiment (day -6 
and day 15). A total of 104 OTUs were the most variable, contributing to 50% of the 
community differences between each day making up 255,045 of 436,100 sequences. 
These represented the same seven phyla containing 17 classes and 37 genera. Prior to 
the fertilization event, the ponds were dominated by the Actinobacteria, 
Bacteroidetes, Proteobacteria, and the Verrucomicrobia (Fig. 2.5). Immediately 
following fertilization, the ponds experienced a brief increase in the 
Epsilonproteobacteria, and Gammaproteobacteria of ~2% from day 0 to day 1. As 
the experiment progressed, Betaproteobacteria steadily increased dominance in the 
ponds making up greater than 10% of the communities by day 15, whereas it only 
comprised of less than 5% of the community pre-fertilization (day -1 and 0). The 
Actinobacteria peaked on day 6 and dropped to its lowest level on day 15. The 
Flavobacteria proliferated to be the third most dominant class by day 6 and fluctuated 
to fifth and fourth most dominant on days 12 and day 15. The spike in the 
Epsilonbacteria and the Gammabacteria were short lived and steadily declined as the 





presence throughout the experiment until it reached a peak on day 15 (Fig. 2.9). Two 
alternative patterns in the variable classes of the community arise in the different 
filter fractions. Communities captured on the 1 m filter show the Betaproteobacteria 
emerge as a dominant class of bacteria along with the Alphaproteobacteria by 
steadily doubling their presence from pre-fertilization (< 2.5%) to day 15 (>5%). The 
Flavobacteriia also showed enrichment six days post-fertilization when the mean 
presence began to decrease. Similarly, communities smaller than 1m and larger than 
0.22 m also showed almost a three-fold increase in the Betaproteobacteri. No other 
bacterial class showed clear enrichment in the communities captured on the 0.22 m 
filter. Both communities revealed a two-fold spike in the Actinobacteria on day six 
before dropping below pre-fertilization abundances (Fig. A2.9). 
2.5 Discussion 
Three man-made ponds were fertilized with chicken manure over two 
successive years, with the aim of stimulating blooms of phytoplankton that could be 
harvested for biofuel production. The bacterial communities free-living in the pond 
water and closely associated with the microalgae were characterized by 16S rRNA 
gene sequencing. By studying the bacterial communities in the water and closely 
associated with microalgae, we aimed to gain insights into the symbiotic cohort of 
bacteria associated with micro-algal blooms that resulted from the artificial 
eutrophication. Understanding how the bacterial communities develop in parallel with 
the microalgae will provide greater insights into what bacteria a healthy, productive 





Figure 2.9: Change in relative abundance of the most variable classes. Classes that 
explain 50% of the differences between each day plotted over time to show temporal 
variation in the communities. The percent of the community is based on the normalized sum 
of each days’ community abundance. The data are from the experimental ponds; 1_F16, 
5_F16, and 1_F17. Error bars represent the standard error of the mean. 
 
bloom crash. This is the first study of its kind in freshwater ponds in which 
intermittent samplings were used to track the natural short-term oscillation of 
bacterial communities in response to nutrient addition.  
Three synthetic control communities were created using five strains of 
bacteria from two phyla at equal concentrations, Bacteroidetes and Proteobacteria, 
originating from the ponds. The Illumina MiSeq sequencing run output three highly 
similar communities with little variation between samples. Only three out of the five 
genera were detected using a custom-made database, revealing a shortcoming in 





Klindworth et al. (2013) evaluated 175 forward and reverse primers and concluded 
that the primer pair S-D-Bact-0341-b-S-17 and S-D-Bact-0785-a-A-21 had the 
greatest coverage of phyla compared to others tested and, if one mismatch is 
tolerated, the total coverage can be increased to 64.6% for archeae; 94.5% for 
bacteria; and 0.1% for eukaryotes (135). While performing these evaluations, pre-
described communities of bacteria from a marine environment were experimented 
with again and found similar results that were determined not to be an artifact of the 
sequencing. While these studies confirm the efficiency and accuracy of the primers 
and sequencing platform, it does not evaluate the efficiency of DNA extraction 
protocols. This leads to the alternative conclusion that the DNA extraction protocol 
was insufficient to lyse all representative bacteria in the environmental samples. 
Although the DNA protocol may not have been able to extract DNA from all genera, 
the precision of the sequencer provides valuable insights into the relative changes of 
the communities most affected by the experiment. 
The bacterial communities in the control ponds that were not fertilized were 
dominated by five phyla that comprised greater than 90% of the community in all the 
samples: Actinobacteria, Bacteroidetes, Cyanobacteria, Proteobacteria, and 
Verrucomicrobia. The presence of these phyla is consistent with findings of a meta-
analysis of 68 papers describing freshwater lake 16S rRNA gene sequences (143). 
Consistent with other studies, there was a significant presence of the genus 
Flavobacterium. Also, the hgcl clade, Sphingomonas, Polynucleobacter, and 
Limnohabitans genera were found which are often associated with blooms of 





Flavobacterium is well adapted to the cyanobacterial phycosphere and is often found 
to be abundant during blooms of cyanobacteria as it may be able to efficiently break 
down Microcystis hepatotoxins. The genus Flavobacterium occurred abundantly in 
the water of unfertilized ponds (1.1% to 35.1%). More importantly, however, the 
class Flavobacteriia, the parent group of the Flavobacterium, briefly becomes the 
most abundant taxa on the 1 m filter on the sixth day post-fertilization. Conversely, 
Bdellovibrio and Peredibacter are reported to be bacteriovores, preying on 
Microcystis or other bacteria (149–152).  Peredibacter appeared only in a single pond 
at only 0.59% of the community and Bdellovibrio was present but represented less 
than 0.1% of the community indicating that bacteriovorus bacteria are not likely to be 
playing a major role in controlling the cyanobacterial communities.   
Chicken manure sourced from three different locations and times was 
dominated by similar bacterial groups, with the Actinobacteria, Bacteroidetes, 
Firmicutes, and Proteobacteria making up greater than 80% of the communities. This 
is consistent with other poultry microbiome studies (153). Variation within the 
chicken manure biome is likely due to the individual samples storage condition, 
source, and age. To assess whether the bacteria present in the chicken manure 
contaminated the bacterial communities in the ponds following fertilization, identified 
bacterial OTUs within the ponds were compared with manure-associated OTUs to 
determine relative abundance of OTUs contributed from the manure. The proportion 
of contaminating OTUs derived from chicken manure within the ponds spiked 
immediately after fertilization up to 17.8% of the total sequences with an average of 





Mycobacterium, Lactobacillus, Corynebacterium, Acinetobacter, and the Atopostipes. 
These genera are all commonly found in agriculture manure (154–159). However, the 
contaminants did not persist in the pond environment (Fig. 2.1). Reduction in the 
manure-derived bacteria could be explained by several factors including the water 
temperature, salinity, exposure to UV light, or the competition with the 
bacterioplankton already in the ponds that are presumably well adapted to that 
environment (160, 161). 
After inoculation of the chicken manure fertilizer into the ponds, there was an 
immediate spike in the Proteobacteria in all three of the fertilized ponds, along with 
decreases in the Verrucomicrobia and the Cyanobacteria (Fig. 2.5). The Firmicutes 
also increased, most notably in 5_F16 and 1_F17. It was found that while 222 OTUs 
were shared between the ponds and the chicken manure, these OTUs only represented 
a total of 1% of the total sequences, peaking right after fertilization and diminishing 
in subsequent days. The communities that were shared between the manure and the 
ponds consisted mainly of the phyla Firmicutes, Actinobacteria, and Proteobacteria. 
This helps explain the sudden increase in the Firmicutes and Proteobacteria in the 
fertilized water immediately post-fertilization.  
The ponds’ communities became more similar to each other after fertilization 
compared with the communities in the pre-fertilized ponds. Suggesting that even 
though these ponds are within 100 m of each other and filled with the same source 
water, the community within each pond is unique. This characteristic became less 
apparent after the ponds were fertilized. The communities displayed a mean decline 





diversity occurred between the dates prior to and post fertilization, but the control 
pond also showed the diversity fluctuating over time. These ponds are “closed” 
systems without any inflow or outflow of water during the experimental period; 
changes in the control pond cannot be explained by fluxes in the salinity which has 
previously been recognized to be the most important factor contributing to 
community structure and function (162, 163). It should be noted that a total of 0.69 
inches of precipitation fell during the sampling period in 2017, according to Weather 
Underground (www.wunderground.com, accessed March 2018). Increases in the 
ponds’ water level would affect the nutrient concentrations throughout the pond, but 
this effect is expected to be negligible due such high nutrient concentrations 
introduced from the manure.  
Despite the unexpected change in the community diversity in the control pond 
even with lack of manipulation, beta-diversity analyses showed that the introduction 
of the chicken manure clearly resulted in a change in taxa in the treated ponds. Most 
importantly, communities from the fertilized water in any pond clustered tightly with 
each other indicating a selection process induced by the introduction of the nutrient. 
Whereas, the relatively low nutrient concentrations prior to fertilization showed a 
more phylogenetically diverse community with varying abundances between ponds. 
Only 21 taxa were shared between the 7,004 taxa in the chicken manure and 
the 3,426 taxa in the waters prior to fertilization. However, nutrient enrichment by 
addition of chicken manure was a clear driver of bacterial community structure 
between treated and untreated ponds (Fig. 2.3). Eiler et al. (2003) showed that the 





concentrations (164). It has been well documented that different clades from various 
phyla show disparate growth responses and competitive abilities to changing nutrient 
availability (145, 164–171). Mantel tests along with the canonical correspondence 
analysis showed positive correlations between all measured parameters (DOC, TDN, 
TDP, and water temperature). The largest correlation was found to be between the 
TDN and TDP (ρs = 0.524, p = 0.001; ρs = 0.472, p = 0.001) and the weakest 
correlation was with the DOC (ρs = 0.079, p = 0.026). Previous studies showed that 
some Betaproteobacterial lineages had a negative correlation with the DOC:total 
phosphorus ratio and clades within the Actinobacteria are more common in acidic 
lakes with high DOC concentrations (143). In 2017, pH was measured in the control 
pond (2_F17) and an experimental pond (1_F17). The pH increased in the unfertilized 
pond but remained constant in the fertilized pond. It is worth noting that correlations 
to environmental parameters by higher taxonomic classifications like phylum level is 
uncommon, but rather a higher resolution of taxonomic grouping should be 
considered (172). To address the relative significance of community changes in the 
experimental ponds, a similarity percentages analysis was performed to describe the 
OTUs that explained the greatest differences, contributing to the first 50% of the 
cumulative difference between each day. 104 OTUs made up greater than 50% of the 
total number of sequences in the subsampled ponds, comprising 37 genera. All 
identified taxa that contributed to the differences between days in the experiment 
were present in the ponds prior to fertilization, with the exception for a member of the 
Acinetobacter genus originating from the manure, indicating that all other changes in 





important genera that are associated with freshwater were also identified as dominant 
post-fertilization; Flavobacterium, Limnohabitans, and Polynucleobacter 
accompanied by members of the Betaproteobacteria, clade 12up and the 
Actinobacteria, Alpinimonas (Fig. 2.9).  
As previously mentioned, the Flavobacterium genus has been implicated in 
co-occurring with phytoplankton blooms and degrading organic materials produced 
by microalgae (144, 145, 173–175). Numerous other studies have described several 
species that are psychrophilic and psychrotolerant. More broadly, members of the 
class Flavobacteria have often been found associated closely with algae of different 
lineages as well as coral (173, 174, 176). A genome sequenced and annotated in 2013 
revealed that the Flavobacteria species Formosa agariphila KMM 3901T contained 
the highest densities of carbohydrate active enzymes that was capable of degrading 
polysaccharides generated by a broad range of algal lineages (177). Though very few 
cyanobacterial 16S rRNA gene sequences were identified, the purpose of fertilization 
was intended to facilitate microalgal blooms. Occurrence of the Flavobacteria may be 
indicating the formation of euakaryotic microalgal blooms.  
Members of the Betaproteobacterial lineage Limnohabitans, 
Polynucleobacter, and the 12up clade tend to be more versatile in their lifecycles and 
tolerate a range of trophic conditions. The genus Limnohabitans grows quickly in 
response to nutrient pulses and have been reported to be proxies for low-molecular-
weight algal-derived substrates, though their populations can be countered by their 
susceptibility to grazing (178–180). Draft genomes of two strains of Limnohabitans 





ammonia and sulfur oxidation (181). Members belonging to the Polynucleobacter 
have been described as aerobic chemoorganotrophs but could also function as 
facultative anaerobes (143). A recent study investigated the quality and quantity of 
organic matter from three genera of algae (a Cryptophyte and two Chlorophytes) and 
found that Limnohabitans and Polynucleobacter were able to grow on organic matter 
from the Chlorophyte Coelastrum but only Limnohabitans could grow off the 
metabolic byproducts from both the Cryptophyte and the Chlorophytes (182). Similar 
to the Polynucleobacter, the 12up clade is capable of functioning as a facultative 
anaerobe and it has been reported to be involved in the phosphorus removal from 
wastewater. The abundance of the 12up clade may be indicative of a highly polluted 
and potentially anoxic environment (163, 183). Contrary to the indications of the 
12up clade, the Actinobacteria genus Alpinimonas was originally described as a 
psychrophilic species that will not grow under anaerobic conditions; therefore, the 
abundance of this bacterium suggests that the experimental ponds were not anoxic, as 
suggested by the presence of the 12up clade (184). Due to the stagnant nature of the 
ponds, it is possible that there are both anoxic and oxic microniches in the ponds.  
Separation of the communities based on the filter-fraction size reveals two 
unique communities. At the phylum level, Cyanobacteria were largely removed by 
the 1 m filter while the remainder of the phyla remained consistent with the whole 
community analysis. The 1 m filter cut-off was used as an intermediate step to 
collect microalgae (eukaryotic algae and cyanobacterial algae) along with their close 
symbionts while the 0.22 m filter was used as a final filtration step to collect the 





m fraction generally had a more even and diverse community as compared with the 
1 m>x>0.22 m fraction. This could either be explained by particulate matter and 
fowl excrement indiscriminately trapping a variety of bacteria; or, this may be a result 
of preferential bacterial-algal assemblages formed during bloom formation. To 
explore what the most likely explanation is, the OTUs that cumulatively explained 
50% of the differences on each filter fraction between each day in the experimental 
ponds were tracked over time. The most variable OTUs within the 1 m>x>0.22 m 
fraction comprised mainly of the classes Betaproteobacteria and Actinobacteria. 
However, the x>1 m fraction showed a more interesting pattern. Both the 
Betaproteobacteria and Actinobacteria were in agreement with the smaller fraction 
size, but there was also clear enrichment for members of the Alphaproteobacteria and 
the Flavobacteriia classes. This data corroborates others’ findings that the 
Flavobacteriia (Flavobacterium in particular) has previously been implicated to be 
frequently co-occurring with phytoplankton. Due to the relative absence of this 
bacteria on the 0.22 m fraction, two conclusions could be made; 1) this class of 
bacteria is larger than 1 m; or 2) this is a true algal associate bound to algal cells. 
Changes in the Alphaproteobacteria class were also almost exclusive to the 
x>1 m community fraction. The Alphaproteobacteria is a ubiquitous class of 
bacteria that displays plasticity in its genome and is hypothesized to be the 
endosymbiont that generated the first eukaryotic cell (143). This characteristic is a 
likely explanation to their roles of endosymbionts or intracellular parasites (185). 
These bacteria have been known to form filaments or aggregates when their 





down control mechanism that favors the Alphaproteobacteria (143, 186, 187). It 
could be surmised that these characteristics are the reason why the 
Alphaproteobacteria were most abundantly found on the 1 m filters. 
Alphaproteobacteria are also known to be able to degrade recalcitrant organic 
compounds and are competitive for scarce resources. Eiler et al., (2003) found that 
the Alphaproteobacteria were exclusively found in natural communities with low 
concentrations of DOC, and that the DOC in their experiments were determined to be 
the growth rate limiting factor in their mesocosms. Nutrient data in the current 
experiments show a relatively constant concentration of DOC post-fertilization 
compared with the TDN; showing a dramatic decrease after an initial spike in both 
nutrients. The DOC concentrations in this data have not been determined to be 
instrumental in the organization of the bacterial communities. However, we see the 
enrichment for these bacteria peak by day 15 post-fertilization, shortly after the TDN 
of the ponds reached its lowest concentration. A group of bacteria called the rhizobia 
are a generic name for soil-living bacteria that have a mutualistic symbiosis with 
plants in which the bacteria fix N2 for use by the plants while the plant produces 
growth substrates for the bacteria (188–190). This group of bacteria is largely 
populated by members of the Alphaproteobacteria, which, as previously described, 
preferentially infects plant root hairs and is provided molecular cues from the plant to 
induce an infection (191). With this knowledge and enrichment of these bacteria in 
the ponds on the 1m filter, in conjunction with the reduction in TDN in the actively 
dispersed nutrient ponds, shows strong support for mutualistic interactions between 






Man-made ponds that are filled with water from a local stream contained 
bacterial communities dominated by Actinobacteria, Bacteroidetes, Cyanobacteria, 
Proteobacteria, and Verrucomicrobia. Despite being located within proximity to each 
other, each pond had a characteristic community that differed from that in 
neighboring ponds.  When fertilized with high nutrient chicken manure, the 
allochthonous bacterial communities from the manure were unable to persist in the 
pond environment. The bacterial communities become more phylogenetically similar 
to each other, though less diverse, following the fertilization. Artificial eutrophication 
of the ponds was induced with the intent of stimulating blooms of microalgae for 
biofuel production. Interestingly, the most notable changes in the communities 
happened within genera that have been previously reported to commonly appear 
within the algal phycosphere, consistent with a shift in the environment to be more 





Chapter 3: Microalgal 18S rRNA gene community dynamics 
in agricultural ponds fertilized to stimulate blooms for 
biofuel production 
3.1 Abstract 
Growth, harvesting and processing of microalgae for the production of 
biofuels is a difficult and often cost prohibitive process. For microalgal derived 
biofuels to be a feasible alternative to fossil fuels, production, harvesting, and 
conversion to a bio-crude product must be done economically. Alternative methods of 
biofuel conversion, such as hydrothermal liquefaction (HTL), are not dependent on 
the internal contents of an algal cell, rather the process is dependent on the biomass 
input. Thus, the primary goal for HTL fuel conversion strategies is to produce and 
harvest the maximum amount algal biomass in the smallest amount of time. In this 
study, artificial man-made ponds were filled with water from a nearby stream and 
fertilized with chicken manure to stimulate blooms of microalgae. Chicken manure 
contains high concentrations of total dissolved nitrogen (TDN) and total dissolved 
phosphorous (TDP). The addition of these nutrients in high concentrations induces a 
eutrophic environment conducive to the growth of a select group of microalgae. 
Molecular data indicates an enrichment for the Chlamydomonadales class of 
microalgae. Microscopic counts show increased algal density demonstrating that our 
approach resulted in an improved production of algal biomass. Ratios of bacteria-to-
autofluorescent cells show a trend to return to cell numbers present prior to 





changes the composition of the rare-taxa in each pond, with the emergence of a sub-
set of phylogenetically distinct populations. Weighted UniFrac metrics showed that 
dominant taxa in each of the ponds were phylogenetically related. Diversity indices 
all show a reduction in the richness and evenness of the algal communities in all the 
ponds over the course of the experiment, likely caused by a selection process by 
competition and blooms of specific microalgae species. 
3.2 Introduction 
Microalgae are a group of polyphyletic organisms ranging from the communal 
Volvox genus of the Chlorophytes to the Cyanobacteria phylum within the Bacteria 
kingdom. All algae and subsequently all higher plants that evolved from algae are the 
product of the endosymbiosis of an ancient cyanobacterium in a non-photosynthetic 
protist to form the plastid used for photosynthesis (Chapter 1, 7, 192, 193). The 
proliferation of modern plants has resulted in the enzyme ribulose bisphosphate 
carboxylase/oxygenase (RuBisCO) being the most abundant protein on Earth (194). 
All plants, including algae, use the RuBisCO enzyme to take CO2 from the 
surrounding environment to ultimately make glucose as a substrate for starch and oil 
production. (7, 68, 195). 
In ponds, bicarbonate is the preferred source of CO2 for cyanobacteria and 
eukaryotic algae. Because CO2 is the rate limiting substrate in photosynthesis and 
carbon fixation, microalgae have developed an energy-dependent system to 
concentrate inorganic carbon called the CO2-concentrating mechanisms (CCM) (196–
198). However, the generation of the 5-carbon sugar substrate required for RuBisCO 





undergo an oxygenase reaction which ultimately releases a CO2 molecule through a 
process called photorespiration (68). Photorespiration has been shown to reduce 
carbon fixation efficiency by up to 30% (199). In a similar respect, nitrogen fixing 
cyanobacteria also require a low concentration of oxygen due to the nitrogenase 
enzyme being irreversibly inhibited in the presence of oxygen (200, 201). Since the 
hallmark of photosynthesis is the generation of oxygen, this clearly becomes 
physiologically problematic when blooms of microalgae occur. In the natural 
environment these blooms will not occur free of heterotrophic bacteria but rather the 
microalgae are dependent on the bacteria for a multitude of purposes, such as 
consuming oxygen and providing CO2 to their plant cohorts (202). 
The microalgal-bacterial consortium has been shown to be a dynamic 
relationship in which the bacteria and the algae can work together to support each 
other’s growth. As previously discussed, problematic oxygen concentrations can be 
reduced by heterotrophic bacteria to increase the efficiency of nitrogen fixation, 
photosynthetically derived carbon fixation, and provide CO2 back to the algae. Croft 
et al. (2005) demonstrated that 50% of microalgae are also auxotrophic for vitamin 
B12, which is provided by their symbiotic bacteria (98). A great example of B12 
dependency can be seen in the mutualistic relationship between Lobomonas rostrata 
(phylum Chlorophyta) and Mesorhizobium loti (phylum Proteobacteria). In this 
relationship the bacteria supply vitamin B12 to the microalgae and in exchange the 
bacteria have access to a carbon source from the algae derived from photosynthesis 
(100). Conversely, the consortium that occupy the same microenvironment are in 





concentrations limit algal growth at times of high light intensity because their 
bacterial cohorts have a stronger affinity for phosphorous, out-competing the algae 
(203). However, in the context of producing microalgae en masse for biofuel 
generation, it is unlikely that macronutrients, like nitrogen or phosphorous, will be 
limiting factors for algal growth because of the biofuel conversion process called 
hydrothermal liquefaction (HTL). HTL depends on a high quantity of biomass thus 
nutrient limitation would need to be avoided as to not restrict algal growth (81, 82). 
For HTL to be an effective method for generating biofuels, algal biomass 
needs to be produced quickly with minimal costs. Conveniently, microalgae have 
been proven to be efficient at treating wastewater or sewage, a common cause of 
eutrophication, making nutrient enrichment cheap and accessible (63–65). Flue gas 
from power-plants has also been proposed as a source of CO2 and has been shown to 
be 30% more productive than supplementation with pure CO2 alone, but is costlier to 
implement (66–68). Financial considerations demand that culturing microalgae, 
particularly for biofuel generation, be done with minimal energy input. Established 
industrial production of microalgae for purposes other than biofuel production use 
tubular or flat-paneled photobioreactors (204). These photobioreactors can use 
sunlight or LED light to yield 8,000 kg/ha or 245,000 kg/ha of algae respectively. 
Alternatively, open pond systems can be used to produce 5,000 kg/ha of algae at an 
eighth of what it would cost to use an LED light photobioreactor (205). The reduced 
cost in the open pond production of microalgae outweighs the consequence of 
reduced production (41). Even though open ponds provide a more economic option 





microalgae that can be grown, have a lower efficiency of light utilization, poor gas 
transfer, no temperature control, and are susceptible to culture-crash contamination 
(206–208). Despite these limitations, Jorquera et al. (2010) performed a net energy 
ratio analysis, defined as the ratio of the total energy produced by the microalgae over 
the energy input into the cultivation system, between open raceway ponds and 
photobioreactors and found that the raceway ponds exceeded the photobioreactors in 
oil production and total biomass (209). 
Open-pond cultivation systems are open to the surrounding environment and 
are not specifically designed to keep out foreign algae that may be carried by wind or 
animals to create a microalgal polyculture. High-diversity microalgal communities 
have been found to be more efficient at nutrient utilization and can produce more 
biomass and contain a higher carbon content per unit of limiting nutrient compared 
with monocultures (57, 87, 95). Algal biomass and lipid content has been shown to be 
positively associated with communities rich in species diversity (87, 89, 90). 
However, these ponds are also subject to invasion by microalgal-predators such as 
Daphnia species and can cause the cultures to “crash” or die (95, 96). Due to the low 
costs of construction and operation along with the advantages of ecological diversity, 
open-pond cultivation systems will likely be the strategy for biofuel production. 
In the present study, man-made open ponds were fertilized with raw chicken 
manure to stimulate blooms of native microalgal communities. Changes in the 
microalgal community structure were monitored by microscopic and molecular 
identification techniques; a parallel study to track the bacterial community changes 





corresponding changes were determined to understand the dynamic diversity of the 
microbial community associated with blooms of microalgae. 
3.3 Methods 
3.3.1 Sample collection and nutrient analysis 
In the summer of 2016, two man-made ponds designated 1_F16 and 5_F16 
(Fig. A3.1), about 1 acre each, in Frederick, MD, were filled with approximately 5 
million liters of freshwater from a nearby stream. Each pond was then fertilized with 
5 tons of chicken manure to stimulate blooms of microalgae. Different nutrient 
dispersal strategies were used in each of the two ponds in 2016, 17 days apart 
(Chapter 2). A third, unfertilized pond designated 2_F16 was also sampled at the end 
of the experiment in October of 2016 to assess community variability between 
fertilized and unfertilized ponds. In 2017, one pond that was fertilized in 2016 was 
filled and fertilized again (1_F17). The same unfertilized pond (2_F16) was sampled 
in parallel to the fertilized pond in 2017 and designated 2_F17. The two unfertilized 
ponds act as a control to the three treated ponds 1_F16, 1_F17, 5_F16 (Chapter 2: 
Table 2.1; Fig.  A2.1).  
Replicate water samples located in the center and at either pole of each pond. 
Water was collected from the top six inches into a sterile carboy through a 200 µm 
mesh to remove detritus. Samples were collected on the day prior to fertilization, the 
same day immediately before fertilization, the day after fertilization, and then on days 
6, 12, and 15 post fertilization (Table 2.1). A seventh sample was included six days 





communities in the ponds. All samples were stored on ice until processed upon return 
to the laboratory. Two liters of water from each sample was serially filtered through 6 
µm and 1 µm filters to collect microalgae and their closely associated bacterial 
assemblages. The resulting filtrate was collected for quantification of the dissolved 
organic carbon (DOC), total dissolved nitrogen (TDN), and total dissolved phosphate 
(TDP) in the ponds. The nutrient analysis was performed by the Nutrient Analytical 
Services Laboratory at the Chesapeake Biological Laboratory, a part of the University 
of Maryland Center for Environmental Science. pH values were taken from the 
samples collected in 2017. Unfiltered water from ponds 1_F17 and 2_F17 was fixed 
in 2% formaldehyde overnight at 4oC, stained with 300 μM of DAPI, and filtered 
onto 0.1 µm black polycarbonate filters. Epifluorescence microscopy was used to 
enumerate the bacteria and chlorophyll autofluorescence was used to count the 
primary producing microbes. Microscopy was performed with a Zeiss AxioPlan 
microscope. DAPI-stained cells were visualized with Zeiss filter set 49 (G: 365; FT: 
395; BP: 445/50). Photosynthetic microalgae were counted on the basis of their 
morphologyand autofluorescence, visualized using Zeiss filter set 43 (BP: 545/20; 
FT: 570; BP: 605/70). 
3.3.2 DNA extraction, sequencing, and data processing 
DNA was extracted from each sample using Qiagen DNeasy PowerWater 
kits. Communities captured on the 6 µm and 1 µm filters were pooled to capture the 
communal DNA in a single sample. Each DNA fraction was normalized to 5 ng/mL 
prior to pooling. Prior to next generation sequencing, each DNA sample had the 18S 





for PCR amplification. Microalgal 18S rRNA genes were sequenced using P73F (5’-
AATCAGTTATAGTTTATTTGRTGGTACC-3’) and P47R (5’-
TCTCAGGCTCCCTCTCCGGA-3’) (210). 
To assess the efficiency of the relative quantitative accuracy of the next 
generation sequencing platform, and our bioinformatic pipeline, a mock community 
was created with three eukaryotic microalgae in 2 L of sterile deionized water and 
consisted of a total of 1.12x108 cells of three strains, Chlamydomonas reinhardtii  
CC503, and Scenedesmus sp. HTB1, and Desmodesmus sp. RAI-5 (isolated from the 
sampling location; Chapter 4), counted with a Neubauer counting chamber. Strains 
HTB1 and CC503 each consisted of 4.48x107 cells, each making up 40% of the 
community. Strain RAI-5 made up the remaining 20% with 2.24x107 cells. The cell 
suspension was filtered directly through a 1 m filter and DNA was extracted as 
previously described. 
The output from the MiSeq platform generated forward and reverse sequences 
300 nucleotides in length. Sequences were pre-processed using the CLC Genomic 
Workbench by importing the data as paired-end reads, quality trimming, merging 
overlapping pairs, and trimming all sequences to a fixed length resulting in 18S rRNA 
gene sequences of 284 nucleotides. Control communities were processed 
independently of the samples and yielded gene sequences 294 nucleotides in length. 
The resulting high-quality sequences were exported into the Quantitative Insights into 
Microbial Ecology (QIIME) program (136) for open reference operational taxonomic 
unit (OTU) picking and taxonomic classification using Uclust (137) with the Silva 





extracted and used as a reference, along with the P73F-P47R amplicon of each strain, 
to identify the control communities with Uclust. Alignments of the representative 
sequences were created using Python Nearest Alignment Space Termination 
(PyNAST) for each OTU and were used to produce nearest-neighbor Newick 
formatted, mid-point rooted trees with FastTree for downstream phylogenetic 
analyses. Taxonomic identities were defined as having a 97% identity to the reference 
sequences.  
To retain any 18S rRNA gene sequences that are classified as primary 
producers, only the Archaeplastida, Cryptophyceae, Centrohelida, Ochrophyta, and 
Dinoflagellata were retained. Divisions based on the treatment type were performed 
and the distribution of OTU counts against the number of OTUs present were plotted. 
The core diversity of the communities within each treatment was defined by 
identifying spurious OTUs as those that did not occur five or more times in two 
samples of similarly treated ponds (Fig. A3.2). Uneven sampling depth was 
accounted for by rarefying to an even depth of 22,000 sequences per sample. 
Singletons were removed from the control communities and then rarefied to an even 
depth of 66,200 sequences. 
3.3.3 Diversity, statistical, and similarity analyses 
All diversity analyses were performed using R and the phyloseq package 
(139). Prior to subsampling to an even depth for statistical analyses, the relative 
abundance of the phyla present in each pond was determined for OTUs whose 
relative abundance was greater than 0.1%. Uneven sampling was corrected by 





rarifying the data to an even depth, alpha-diversity was determined with the total 
number of observed OTUs to represent the richness, the Shannon diversity index, and 
Pielou’s evenness index. Kruskal-Wallis tests were performed on the diversity 
measures to test statistical differences between days and Nemenyi-tests were 
performed post hoc to identify which days were most different.  Beta-diversity was 
examined with principal coordinate analyses/multidimensional scaling plots created 
with Bray-Curtis dissimilarity (140) unweighted, and unweighted UniFrac (141) 
distance matrices generated from the rarefied data. Due to the non-normal nature of 
the environmental nutrient parameters, significance between treatments and each 
pond was tested with the Wilcoxon rank-sum test. Wilcoxon rank-sum tests were 
performed to determine if significant changes to the diversity occurred throughout the 
experiment. To assess the innate natural differences and the influence of the treatment 
on the microalgal communities, permutational analysis of variance (PERMANOVA) 
were performed with the R package vegan using the adonis() function (142). Analysis 
of similarity (ANOSIM) was also used to determine the similarity between the 
treatments according to their Bray-Curtis dissimilarity distances. Similarity 
percentages (SIMPER) were then used to determine the OTUs which contribute most 
to the similarities within each date. The resulting data was used to extract which 
OTUs contribute to the first 50% of the differences between each experimental pond 
and plotted to observe the OTUs that are most variable over time. Except where 
indicated, all replicate data were merged together to generate the whole pond 
community. Canonical correspondence analysis (CCA) was performed to correlate 





of the nutrient data on the microbial communities was confirmed by performing 
Mantel tests on the microbial communities and the nutrient analyses. 
3.4 Results 
3.4.1 Sequence processing and control communities 
After assembling, quality filtering, and OTU picking, the 18S rRNA gene 
sequences resulted in 52,855 OTUs with a total of 18,369,903 sequences. Maintaining 
the Archaeplastids, Cryptophyceae, Centrohelida, Ochrophyta, and Dinoflagellates 
kept 38,847 OTUs (~26.5% reduction in observed OTUs) and 16,081,783 sequences 
(~12.9% reduction in sequence). Removal of spurious OTUs resulted in 15,929,430 
sequences and 2,071 OTUs in 72 samples, reducing the sequences and OTUs by a 
total of ~0.05% and ~95%, respectively. 
The control communities generated 441,235 sequences after quality trimming 
and contained 416,306 sequences and 13 OTUs post-OTU picking. Rarefaction also 
showed that each of the communities contained between 10 and 13 OTUs. Based on 
the plateau of each replicates curve, the entire community in the controls were 
accounted for (Fig. A3.2). The HTB1 (Scenedesmus sp.) and CC503 
(Chlamydomonas sp.) strains equally made up a total of 80% of the community prior 
to sequencing, but the Chlamydomonas reinhardtii representative sequences were 
over-represented, making up about 60% of the community in each replicate. In 
contrast, HTB1 representative sequences from closely related Scenedesmus sp. 






3.4.2 Fluorescent cell counts 
For 2017 samples, cell counts of autofluorescence, accounting for 
photosynthetic organisms, displayed a four-fold increase immediately after 
fertilization on Day 1. The bacterial counts increased nearly seven-fold within 1_F17, 
the fertilized pond. On the sixth day post-fertilization the bacterial counts were 
reduced from 6.5x107/mL to less than 3x107/mL and was then comparable to those in 
the control pond. DAPI counts of the bacterial abundance of 1_F17 reflect an 
identical pattern to the abundance of the contaminating 16S rRNA gene sequences 
introduced by the manure (Fig. 3.1). The autofluorescent cells in 1_F17 displayed a 
steady increase in the cell count until day 12, after which there was a reduction to the 
level of the control pond. Interestingly, the mean bacterial concentrations showed 
identical patterns in the changes (Chapter 2, Fig. 2.1). Kruskal-Wallis tests showed 
that there was a statistical difference between the microscopic counts in the days for 
both ponds. However, post hoc Nemenyi tests for 1_F17 only showed significance 
between day -6 and 12 for the algal and bacterial:algal ratio counts (p = 0.039) and 
day -6 and 1 for the bacterial counts (p = 0.025) (Table A3.1). The unfertilized 2_F17 
only showed significant differences for the bacterial:algal ratio between day -6 and 6 
(p = 0.04) 
3.4.3 Nutrient analyses 
In 2016, two different dispersal systems were used to disseminate nutrient 
within two ponds (1_F16 and 5_F16) which displayed varying patterns of nutrient 
concentrations over time (Fig. 3.2). The active nutrient dispersal system was used to 





and the TDP immediately after fertilization, 1_F16 Day 0 mean TDN ± sd: 0.54 mg/L 
± 0.028; mean TDP: 0.075 mg/L ± 0.025; 1_F16 Day 1 mean TDN ± sd: 7.87 mg/L; 
mean TDP: 0.88 mg/L; 1_F17 Day 0 mean TDN ± sd: 0.21 mg/L ± 0.023; mean 
TDP: 0.21 mg/L ± 0.072; 1_F17 Day 1 mean TDN ± sd: 6.41 mg/L ± 5.33; mean 
TDP: 1.35 mg/L ± 1.06. The nutrient spike was followed by a progressive decline in 
TDN but stable concentrations of TDP. A passive nutrient dispersal method was used 
in pond 5_F16 and showed gradual increases in both the TDN and TDP, reaching 
their peaks on day 15 (mean TDN ± sd: 4.36 mg/L ± 0.67; mean TDP: 2.96 mg/L ± 
0.45). DOC did not appear to follow any expected pattern as the mean peak of 1_F16 
and 1_F17 appeared prior to their fertilization, days -1 and -6 respectively. However, 
Welch’s two sample t-tests did not show a significant difference in any of the 
measured nutrient levels between the ponds with different nutrient dispersal systems 
in 2016 (DOC: t = -0.288, p = 0.777; TDN: t = 1.271, p = 0.222; TDP: t = -0.957, p = 
0.354).  Wilcoxon rank-sum tests were also performed between the two experimental 
ponds in 2016 and the experimental pond in 2017 to reveal that there were also no 
differences in the nutrient levels between years within the experimental ponds (DOC: 
W = 262, p = 0.097; TDN: W = 274, p = 0.452; TDP: W = 208, p = 0.442). 
Furthermore, all nutrient concentrations were statistically significantly different 
between the fertilized water and the untreated water (DOC: W = 621.5, p = 0.005; 
TDN: W = 882.5, p = 1.842 x 10-8; TDP: W = 972, p = 3.479 x 10-14). The two ponds 
sampled in parallel in 2017 showed identical patterns in their water temperature, as 
would be expected. In 2016, the two experimental ponds were sampled 17 days apart 





Canonical correspondence analyses (CCA) were done to visualize the degree 
of influence that each measured variable had on the microalgal communities (Fig. 
3.3). The untreated pond communities clustered tightly with each other compared to 
the microalgal communities in the fertilized pond samples, which showed little 
clustering in response to nutrient variables. The TDP (CCA1 = -0.797, CCA2 = -
0.498) and water temperature (CCA1 = 0.524, CCA2 = -0.725) showed the greatest 
degree of influence on the eukaryotic communities followed by the DOC (CCA1 = 
0.041, CCA2 = -0.642). The correspondence of the TDN (CCA1 = -0.323, CCA2 = -
0.387) in the eukaryotic community was approximately half that of the TDP.  
To augment the CCA, Mantel tests were performed to assess the strength of the 
correlation of each of the measured environmental parameters. Even though the DOC 
showed a strong degree of influence on the community structure, Mantel tests did not 
indicate a statistically significant correlation with the microalgae (ρs = 0.021, p = 
0.28). Weak but positive correlations were found to be associated with the 
concentrations of TDP and TDN (TDN: ρs = 0.261, p = 0.002; TDP: ρs = 0.326, p = 
0.001). Although, according to the CCA water temperature was one of the strongest 
influencers of the microalgal community, it had the weakest correlation (ρs = 0.189, p 
= 0.001). 
3.4.4 Taxonomy and diversity analyses 
The 12 most prevalent taxa mainly belonged to the chlorophytes and included 
representatives of the classes Trebouxiophyceae and Chlorophyceae as well as the 





Figure 3.1: Epifluorescent counts of the mean algal (autofluorescence), bacterial, and the bacteria:algal ratio (respectively). Error bars 
represent the standard error of the mean. Pond 1_F17 was fertilized immediately after the Day 0 sampling time. Samples from Day 1 were 
collected approximately 24 hours after fertilization. The black vertical dashed-line represents the time of fertilization into pond 1_F17. Pond 





Figure 3.2: Mean environmental variable by day for each pond displaying the change of 
DOC, TDN, TDP, and water temperature over time. Error bars represent the standard 
error of the mean. The black vertical dashed-line represents the time of fertilization into 
ponds 1_F16, 5_F16, and 1_F17. 
 
Sphaeropleales. Representatives of two ochrophytes (heterokonts) were also 
prevalent belonging to the class Chrysophyceae and the order Synurales (Fig. 3.4). A 
single charophyte belonging to the Desmidiales order was also present. These 12 taxa 
represented 1,977 OTUs and 15,860,680 sequences of the 2,071 OTUs and 
15,929,430 sequences present in the ponds; 776 of these OTUs were identified as 
ambiguous taxa or were unable to be identified and these categories contained 
3,003,388 sequences. There were five OTUs that were present in all the ponds 
corresponding to the orders of Trebouxiophyceae and Chlorophyceae. Three of these 
OTUs were also the most dominant (OTU FR865536.2.2159, Chlorophyceae, 





Figure 3.3: Canonical Correspondence Analyses of the 18S rRNA gene communities. 
Vectors represent the degree of correlation provided by the measured variable. 
 
sequences; OTU JX101905.1.1706, Chlorophyceae, 591,306 sequences). 
Representative sequences from these OTUs were aligned with the BLAST database 
from NCBI and identified as Gonium sp., Micractinium sp., and Vitreochlamys sp., 
respectively. 
The relative abundance of taxa making up a minimum of 0.1% of the pond 





the progression of the eukaryotic communities (Fig. 3.5). The fifth level of 
identification represents both the class and order levels of taxonomy. Chlorophytes 
within the classes of Chlorophyceae and Trebouxiophyceae dominated in all samples. 
Dominant orders that are defined within the class Chlorophyceae include the 
Sphaeropleales and the Chlamydomonadales while the Oedogoniales is the minor 
order. Examination of the experimental ponds in 2016 shows that after fertilization, 
the chlorophytes virtually took over the entire pond’s algal community. Contrary to 
this, 1_F17 shows a diminishing chlorophyte population and undefined ambiguous 
taxa gain dominance. The Sphaeropleales and the Trebouxiophyceae appear to be 
unchanged by the addition of the fertilizer.  
Rarifying the samples to an even depth of 22,000 sequences/sample removed 
two samples and 77 OTUs. The rarefaction plot does not show a plateau of the 
curves, indicating that more sampling depth would be required to fully sample the 
entire community (Fig. 3.6). Richness, diversity, and evenness diversity measures 
(observed OTUs, Shannon, and Pielou’s J indices) plotted through the progression of 
the experiment trended towards a reduction in both the richness and the evenness of 
each ponds’ diversity (Fig. 3.7). Kruskal-Wallis rank sum tests performed on the 
experimental ponds between each day of the experiment showed significant 
differences for each of the diversity indices, however, pairwise post hoc Nemenyi 
tests did not show significant differences from one day to another. It is worth noting 
that lower p-scores are typically observed between days prior to treatment and those 





Figure 3.4: Prevalence of the 12 most dominant eukaryotic taxon identified to the 
deepest identifiable level of classification. The horizontal axis represents the number of 








Figure 3.5: Relative abundance of the most dominant eukaryotic taxon. Taxa are 
identified to the deepest level of identification that represent a minimum of 0.1% of the 
community in each pond. Charts 2_F16 and 2_F17 represent control ponds that were never 
fertilized. The date of sampling is provided with percent of the community contributed by 
each taxon. Experimental ponds are shown in the bottom graphs and the black vertical line 








Figure 3.6: Rarefaction of the eukaryotic communities. Colored lines indicate the pond 
and year from which the sample was collected. Line types indicate the if the sampled water 






Figure 3.7: Mean alpha diversity measures of the algal community of each pond over time. The black vertical line indicates the time of 
fertilization. Pond 2_F17 was never fertilized. Error bars indicate the standard error of the mean of each measure. The black vertical dashed-line 





The Bray-Curtis dissimilarity distance matrix, unweighted UniFrac distance, 
and weighted UniFrac distance matrices were generated to elucidate the differences  
between samples in multi-dimensional space (Fig. 3.8). The Bray-Curtis 
dissimilarities and the weighted UniFrac distance plots appear to be similar to each 
other, indicating that the abundance of the OTUs present in each pond or treatment is 
more similar over time. The unweighted UniFrac distances show that, prior to 
treatment, the samples clustered more closely together and then diverged after 
fertilization, indicating that the pond communities became more phylogenetically 
distinct from each other based on the presence or absence of any algal species unique 
to each pond. In addition to the unweighted UniFrac, the weighted UniFrac metric 
shows the five pond communities overlapping with each other, implying that the 
dominant OTUs in each pond are likely shared or phylogenetically related. Clustering 
designated by the day of the experiment show that the communities consistently shifts 
as the experiment progresses. However, the clustering within the weighted UniFrac 
indicate that the dominant communities are closely related. 
3.4.5 Community Similarities 
The PERMANOVA tests on all the ponds revealed that each sampled pond 
contributed the greatest portion of differences in the eukaryotic communities (Table 
3.1) (ADONIS: R2 = 0.460, p = 0.001). ANOSIM confirmed that the origin of the 
samples shared few similarities (R = 0.599, p = 0.001). Examination of the naturally 
occurring communities in the ponds reiterated that there were very few similarities 
between any of the ponds prior to fertilization (ANOSIM: R = 0.970, p = 0.001). The 






Figure 3.8: Multidimensional scaling/principal coordinate analyses of eukaryotic 
communities. The top row is distinguished by the Bray-Curtis dissimilarity metric; the 
middle row shows separation based on unweighted UniFrac distances; the bottom row shows 






The year when the ponds were sampled explained the greatest amount of variance and 
was also the most dissimilar group (ADONIS: R2 = 0.345, p = 0.001; ANOSIM: R = 
0.703, p = 0.001). Similarly, comparisons within the ponds showed few similarities 
(ADONIS: R2 = 0.161, p = 0.006; ANOSIM: R = 0.637, p = 0.001). The ANOSIM R 
statistics between the treatment and the day of the experiment suggest that there are 
no significant similarities within these groups (Treatment: R = 0.002, p = 0.41; Day 
of experiment: R = -0.101, p = 0.761).  
Based on the results of the ANOSIM, SIMPER was run to determine which 
OTUs were specifically contributing to the dissimilarity between years, ponds, and 
the day of treatment. The eukaryotic communities in the experimental ponds showed 
72% dissimilarity between years. This was explained by only three OTUs that 
cumulatively contributed to 46.7% of the dissimilarity. Representative sequences of 
these OTUs were identified as Gonium pectorale (17.7%), Pyrobotrys elongata 
(11.6%), and a Monoraphidium sp. (4.35%) using the BLAST database. Ponds 1_F16 
and 5_F16 were 54.6% dissimilar from each other with two OTUs identified as G. 
pectoral (21.9%) and Micractinium inermum (3.7%) contributing to 47% of the 
differences. G. pectrorale and P. elongata also explained 26% and 11.8% differences, 
respectively, between pond 1 in 2016 and pond 1 in 2017, which were 78.7% 
dissimilar. Pond 5_F16and 1_F17 were 65% dissimilar in their composition which 
was explained by 5 OTUs; P. elongata (11.4%), G. pectorale (9.3%), 
Monoraphidium sp. (3.7%), M. inermum (3.5%), and Choricystis sp. (2.7%).  
SIMPER analyses revealed the two untreated dates were the most similar, 





Between all the sampled dates, only 16 OTUs contributed to 50% of the differences 
between any two of the sampling days. All 16 OTUs were chlorophytes that consisted 
of 673,348 sequences of the 946,000 sequences in the experimental ponds. 
Representative sequences from OTU clustering were identified using the BLAST 
database. The Gonium sp. (OTU FR865536.2.2159) appears to be the most stable 
after fertilization. The Vitreochlamys sp. (OTU JX101905.1.1706) did not show any 
clear enrichment in the ponds. Another OTU (LC093471.1.1704) was identified as 
Pyrobotrys, a genus that is in the order Chlamydomonadales (Fig. 3.9). When 
screening the filter cut-off samples for detection of microalgae, 18S rRNA gene 
bands that appeared in the 1 µm > x ≥ 0.22 µm fractions were excised, sequenced, 
and identified with BLAST. These sequences were positively identified as members 
of the Chlamydomonadales order, possibly a Pyrobotrys sp. The bands were 
dominant in 1_F17 and appeared to become more prevalent at the end of the sampling 
period (Fig A3.4). 
Prior to fertilization, G. pectorale, M. inermum, Monoraphidium sp., and 
Volvox sp. dominated the ponds. G. pectorale steadily began to proliferate until 
reaching its peak on day 12. The second most abundant OTU at the start of the 
experiment, M. inermum, was one third as abundant as the Gonium sp., on average, 
and peaked at day 6 until it’s abundance declined to its lowest abundance on day 15. 
By the end of the experiment, the second most abundant species was P. elongata 
which was nearly undetectable on days -1 and 0 but began to display immediate 







Table 3.1: ADONIS and ANOSIM  tests describing the explanation of variation in the 
eukaryotic communities. ANOSIM values describe the similarity between ponds; R values 
range from 0-1, 1 representing no similarities between the ponds and 0 representing identical 
communities. * = replicates were not combined due to lack of sample size within 
comparisons. 
Pond Untreated Water* Fertilized 
ADONIS R2 P ADONIS R2 P ADONIS R2 P 
Pond 0.460 0.001 Pond 0.523 0.001 Pond 0.119 0.091 
Year 0.225 0.002 Year 0.278 0.001 Year 0.436 0.002 
Treatment 0.103 0.008 Date 0.590 0.001 Day of Exp 0.175 0.801 
         
ANOSIM R P ANOSIM R P ANOSIM R P 
Pond 0.599 0.001 Pond 0.970 0.001 Pond 0.632 0.003 
Year 0.392 0.001 Year 0.427 0.003 Year 0.831 0.002 
Treatment 0.173 0.021 Date 0.381 0.004 Day of Exp -
0.145 
0.805 
         
   Experimental Ponds    
   (1_F16, 5_F16, 1_F17)    
   ADONIS R2 P    
   Pond 0.161 0.006    
   Year 0.345 0.001    
   Treatment 0.078 0.201    
   Day of Exp 0.204 0.854    
         
   ANOSIM R P    
   Pond 0.637 0.001    
   Year 0.703 0.001    
   Treatment 0.002 0.41    










Between 2016 and 2017, three man-made ponds were filled with water from a 
nearby stream and fertilized with chicken manure to stimulate blooms of 
phytoplankton that could be harvested to produce biofuel. Due to the nature of the 
growing facility and process, biofuel production is dependent on the diversity of the 
native phytoplankton present in the source water and successful growth of high-
density polycultures. Traditionally, the production of algal-derived biofuels has been 
based on strain optimization and manipulation within a relatively controlled industrial 
growth facility. This study has taken a novel approach in exploring the algal diversity 
using metagenomic analyses within ponds that have artificially been made eutrophic 
to encourage growth of natural polycultures.  
Microalgal and bacterial cell counts showed an interesting numeric 
relationship between the photosynthetic microbes (eukaryotic microalgae and 
cyanobacteria) and heterotrophic bacteria. There was a sharp increase in the 
microalgae in pond 1_F17 directly after the manure was introduced that appeared to 
persist through most of the experiment. It was unexpected that the addition of the 
manure did not sustain high bacterial counts beyond 6 days post-inoculation. On days 
12 and 15, the abundance of the microalgal cells and bacterial cells were nearly 
identical between the fertilized pond and the untreated pond. Despite the individual 
pattern changes in counts of photosynthetic and heterotrophic microbes, the ratios of 
bacteria:algae in the untreated and fertilized ponds showed a nearly identical pattern 
(Fig. 3.1). Observations of the eukaryotic algal diversity (Fig. 3.7) prior to 






Figure 3.9: Change in relative abundance of the most variable OTUs. The OTUs that 
explain 50% of the differences between each day plotted over time to show temporal 
variation in the communities. The percent of the community is based on the normalized sum 
of each days community abundance. The data from experimental ponds 1_F16, 5_F16, and 
1_F17. Error bars represent the standard error of the mean. 
 
similar compared to after 1_F17 fertilization. Together with the algal growth shown 
in Fig. 3.2, this suggests that the fertilization of the experimental pond resulted in a 
selection process, allowing fast growing species of eukaryotic algae to flourish for a 
short time. However, the control pond also appears to be having an increase in the 
microalgae as well as the bacteria. Through microscopic examination of the pond 
water, the majority of the microalgal cells seen in pond 2_F17 were cyanobacteria (no 






Prior to fertilization, each of the four ponds shared similar concentrations of 
DOC, TDN, and TDP, but the treated ponds experienced significant shifts in the TDN 
and TDP concentrations. Ponds that were fertilized with an active nutrient dispersal 
method (1_F16, 1_F17) had an immediate spike in TDN followed by a steady decline 
in the mean concentrations of TDN. TDP concentrations also showed an identical 
spike, but the higher concentrations appeared to be maintained throughout the 
experiment. The passive nutrient dispersal method pond (5_F16) did not give the 
same dramatic changes immediately upon fertilization, rather, the mean 
concentrations of both TDN and TDP gradually increased over subsequent days (Fig. 
3.2).  
The decreasing concentrations of TDN may be perceived as a desired effect. 
One issue that has prohibited microalgae-derived biofuels from reaching a 
commercial product is the lipid production variability within strains of microalgae. 
Many strains of microalgae produce larger quantities of lipids during times of stress, 
most notably when nitrogen is a limiting nutrient (37, 211–213). Limitation of 
nitrogen in microalgae monocultures has shown that it can yield lipid concentrations 
greater than 2-fold higher in comparison to nutrient sufficient conditions (34, 35, 37, 
211, 214). The ability to produce large quantities of lipids is strain specific and cannot 
be attributed to genus classifications (75). Considering that nitrogen concentrations 
decrease in the ponds as the abundance of the microalgae increases, it might be 
surmised that taxa more tolerant or adaptable to eutrophication would be dominant 
initially. As these taxa exhaust the bioavailable nitrogen supply, the lipid content in 





production strategy lipid content is not as important as in systems where lipids are 
extracted and converted to biodiesel. Nitrogen limitation resulting in high lipid 
content may only provide a trivial advantage with the use of a properly optimized 
HTL system (83–85). 
All three of the algae introduced into the synthetic community belonged to the 
Chlorophyceae class of green algae; Desmodesmus sp. RAI5 (isolated from 
homologous ponds; Chapter 4) and Scenedesmus sp. HTB1, both belong to the 
Scenedesmaceae family within the Sphaeropleales order; and Chlamydomonas 
reinhardtii belongs to the Chlamydomonadaceae family within the 
Chlamydomonadales order. Both the Sanger sequencing approach and the Illumina 
MiSeq sequencing platform yield sequences of similar size, between 250-300 bp and 
280 bp, respectively. However, the Next Generation Sequencing data paired with the 
custom database for OTU clustering and taxonomy assignment revealed the expected 
values for Desmodesmus sp., but the Chlamydomonas was over represented ~1.5 
times and Scenedesmus was only present half as frequently as expected.  
The chosen primers, P47R and P73F, were designed to specifically target 
Chlorophycea and Diatoms, and thus have been shown to successfully amplify all 
tested monocultures (210). Wallace et al. (2015) showed the capability of the P47R 
and P73F primers to resolve as deep as the class level and successfully identify the 
Trebouxiophyceae and the Chlorophyceae classes within the Chlorophyta phylum 
(Chlorophytes) (215). They were also able to identify the phylum Streptophyta 
dominated by the Embryophyta class (vascular plants). It has been shown that 





sequenced and identified through traditional Sanger sequencing and multiple 
alignment with these primers (216). Although the taxonomic resolution within the 
chosen database (SILVA128) is not as precise and uniform as desired, molecular 
identification provides invaluable data as the degree of conservation of 18S rRNA 
genes can identify differences between closely related groups (217). As mentioned, 
the chosen primer pair was designed and proven to target microalgae; no research has 
shown the ability of these primers to amplify or identify eukaryotic algal grazers. This 
restricts the present research from providing insights into any top-down control 
imposed by algal predators. 
Prevalence data from the pond samples showed that the most dominant OTUs 
are also the most widely distributed. Three of the most dominant OTUs belonged to 
the Chlorophyceae and the Trebouxiophyceae. The representative sequence of these 
OTUs were aligned with the BLAST database. Two of these were members of the 
genus Gonium and Vitreochlamys, of the order Chlamydomonadales (also referred to 
as Volvocales), and class Chlorophyceae. Another Trebouxiophyceae was identified 
as the genus Micractinium of the order Chlorellales. The OTUs that represented these 
genera were also found to be among the most variable in the ponds (Fig. 3.9). 
Members of the Chlamydomonadales have been reported to be associated with 
eutrophic water (218, 219). 
Patterns in the relative abundance data show that the Chlorophytes were the 
most dominant group in all the ponds. Fertilization of the experimental ponds appear 
to select for the Chlorophytes while reducing the abundance of the Trebouxiophyceae 





the richness and evenness in the measured alpha-diversity metrics (Fig. 3.7). 
Canonical correspondence analyses were used to assess the degree of influence of 
each environmental parameter measured (Fig. 3.3). The TDP of the communities 
showed the largest vector in the CCA, suggesting that the community structure is 
most affected by the concentration of TDP. This observation was backed up by 
Mantel tests that found the 18S rRNA gene community to be most positively 
correlated with TDP (ρs = 0.326, p = 0.001), followed by TDN (ρs = 0.261, p = 
0.002), and water temperature (ρs = 0.189, p = 0.001), but no statistically significant 
correlation could be found with DOC (ρs = 0.021, p = 0.28). It has been suggested that 
phytoplankton communities can be used as a bioindicator for water quality and that 
selective factors may occur within a single environmental variable such as the 
availability of phosphorous (56, 219). Others have determined that pH, surface-water 
temperature, and salinity significantly explained variations in microalgae 
communities (220). The Mantel tests and the CCA suggest that TDN and TDP are 
indicative of the communities that can adapt to high levels of nutrient, while DOC 
and water temperature are community drivers in this context.  
It is important to note that ANOSIM analyses revealed that the native 
communities in each of the ponds had almost no similarities with each other 
(ANOSIM: R = 0.970, p= 0.001). Analyses of all the sample data showed that the 
greatest differences were between each ponds’ individual community (ANOSIM: R = 
0.599, p = 0.001). However, the fertilized waters showed that the year explained the 
greatest amount of the variation and the similarities (ADONIS: R2 = 0.436, p = 0.002; 





sampling of collecting from one fertilized pond in 2017 and two ponds in 2016, each 
using different nutrient dispersal systems. The Bray-Curtis and Unweighted UniFrac 
MDS/PCoA appear to reiterate this observation by showing that the communities 
within each of the experimental ponds spread in different directions after fertilization. 
Although the unweighted UniFrac metric showed that there are OTUs within each 
pond that are phylogenetically unique, weighted UniFrac plots show that the most 
abundant OTUs in each pond, pre- and post- fertilization, are more phylogenetically 
related (Fig. 3.8). These observations regarding the diversity indices indicate that 
species present in the ponds are becoming dominant after fertilization, as shown by 
the weighted UniFrac plot. On the other hand, the unweighted UniFrac plot shows 
that samples collected from the fertilized ponds are more diverse, having a higher 
number of rare-species in the community unique to each pond. Eutrophication has 
been shown to reduce the species diversity at the microalgae and macrophyte level, in 
congruence with all measured species diversity metrics in the present study (91–94). 
It is possible that the phytoplankton community from the source water used to fill the 
ponds varied between each fill which may have had an effect on the measured 
diversity of the ponds.  
Observations of the 16 OTUs that explained the first 50% of the differences 
between each sampled day shows two species were most tolerant of eutrophic 
conditions. Both OTUs are members of the Chlamydomonadales (OTU: 
FR865536.2.2159 and OTU: LC093471.1.1704). OTU FR865536.2.2159 whose 
representative sequence identified it (Fig. 3.9). In 2017, eukaryotic 18S rRNA gene 





Gonium sp. that displayed evidence of increasing concentrations of their 18S rRNA 
gene sequences (Fig. A3.4). These sequences were aligned against the representative 
sequence of OTU LC093471.1.1704, showing that they shared >99% identity with a 
235 bp match. The reduction in the diversity of each pond, along with the observed 
discrimination for two specific OTUs indicates the dominant cause for the reduction 
of the microalgal diversity in the ponds. 
Narwani et al. (2016) performed direct oil quality analyses based on 
controlled variations in iterative diversities for polycultures of six strains of 
microalgae (221). Their findings showed a reduced productivity in the biocrude yield 
with increasing species diversity compared with biocrude generated from a 
monoculture. They also found that increasing the microalgal species diversity, though 
it may reduce productivity, it stabilized the variation between each iteration on the 
diversity. This appears to be contrary to other studies that show diverse polycultures 
of algae may be used to improve biomass, productivity, stability, and functionality 
(90, 222–224). To further investigate the findings of Narwani et al, (2016); Godwin et 
al., (2018) used a larger scale and four of the originally tested algae to examine the 
functionality of the polycultures measured as the mean biomass, mean biocrude yield, 
mean temporal stability of biomass; mean maximum crash; crash timing; mean 
maximum of invaders; and invasion timing (225). They were able to determine that 
polycultures were no better at increasing either the biomass nor the biocrude yield, 
but they were more resistant to foreign algae invasion and four-species polycultures 
maintained six of the seven functions over the 70th percentile, where as the best 





These experiments were performed in a unique mesocosm environment with Bold-3N 
medium compared with the presented study. The ponds in Frederick, MD are 
minimally manipulated and filled with natural water from a nearby stream. Any 
resulting microalgae in these ponds are sourced from either the source water or algae 
innately present in the pond prior to filling. In these ponds, it has been demonstrated 
that the microalgae present are a diverse group with far more species of microalgae 
than the mesocosm. This type of diversity suggests that our systems should 
outperform the culture systems with only six unique algae, qualifying the natural 
open pond approach of algae culturing as superior. This claim will require future 
investigation into the biomass and yield of the microalgae and the resulting biomass 
and may be improved by using a meta-transcriptomic approach to understand the 
progressive changes in the physiology of the microbial communities used for biofuel 
generation. 
3.6 Conclusions 
Water samples of three man-made ponds were sampled over two consecutive 
years. Ponds were fertilized with chicken manure to establish a eutrophic state to 
stimulate algae blooms. Molecular identification methods have described a 
community of eukaryotic microalgae that appear to be suitably adapted to dealing 
with high nutrient conditions. Though the chosen database did not have high 
taxonomic resolution, representative sequences of OTUs could be identified by 
alternative methods, such as BLAST, to give a better taxonomic profile. Data from 
these analyses suggests that members of class Chlorophyceae, specifically the order 





Direct microscopic counts of bacteria and autofluorescent cells suggests a ratio that 
could further be investigated to determine if an ecological ratio of bacteria:algae is 
consistent across all environments.  
This study shows a novel approach for monitoring the total algae community 
developments in an agricultural growth facility. Members of the Chlorophyceae class 
of eukaryotic microalgae were found to favor the eutrophic waters, specifically the 
Gonium sp. and Pyrobotrys sp., of the Chlamydomonadales order. Further 
investigation into the bacterial and microalgal associations could reveal a community 





Chapter 4: Bacterial-algal interactions and isolation of 
axenic Desmodesmus cultures from artificial ponds using 
physical isolation and antibiotic treatment 
4.1 Abstract 
Obtaining an axenic microalgal culture for research purposes is crucial to 
understand how microalgae respond to their surrounding environment or their nearest 
neighbors. Due to the diversity of microalgae, there is no definitive method for 
achieving axenic cultures. Here we isolated seven microalgal strains of the genus 
Desmodesmus which originated from man-made freshwater ponds in Frederick, MD. 
Each strain was identically handled and isolated from 25 native community samples 
through both physical isolation as well as treatment with an antibiotic cocktail. 
Scenedesmus sp. HTB1 was grown in co-culture with a panel of bacterial isolates 
derived from the native environment of its close relative Desmodesmus sp. The 
growth response of the microalga to the bacteria add to the mounting evidence of the 
diversity of bacteria that can participate in mutualistic interactions with microalgae. 
4.2 Introduction 
Algae are the result of millions of years of evolution, stemming from the 
engulfment of an ancient cyanobacterium by a heterotrophic protist in order to 
harness the cyanobacterium’s photosynthetic ability to generate sugars for growth 
(Chapter 1, 8–10, 15). All eukaryotic life is a result of a series of endosymbiotic 





crucial role in the sustainability of eukaryotic organisms. Algae also have close 
relationships with bacterial symbionts that live in the area around the algal cells, 
termed the phycosphere. For instance, bacteria can provide nutrients, vitamins, and 
phytohormones to promote the healthy proliferation of the microalgae (98, 100, 101, 
110, 125, 226). Researchers have recently proposed engineering the microbiomes of 
plants and animals to improve host fitness (129). However, to elucidate the symbiotic 
interactions between two microorganisms like the microalgae Scenedesmus obliquus 
and the bacterium Rudanella lutea, it is best if no other organisms are present as to 
not confound the experimental results. When bacterial species are systematically 
added to an axenic culture of microalgae and then paired with multi-omics data, 
conclusions can be drawn about the mechanisms that are associated with bacterial-
microalgal relationships (124, 227).  
Identifying bioactive compounds also requires axenic cultures because 
microalgae are not the only source of many valuable products (228). Being able to 
identify the source of a valuable compound, whether it is the microalgae or a bacterial 
symbiont, will affect the marketability of the product (132). After the source of a 
product is identified, omics tools can be used to explore the underlying genetic 
mechanisms that express specific products (229). For example, axenic strains of 
Nannochloropsis oceanica were required to characterize and engineer enzymes coded 
in the microalgal genome that generate high quality precursors for biofuels (230).  
Obtaining an axenic culture can be done using many different techniques, as 
there is not a definitive method for every type of microalgae (229). The process 





separating out a microalga from an environmental sample. This can be achieved with 
techniques such as, but not limited to filtration (to separate cells based on size), 
centrifugation (to separate cells based on density), or agar methods (to isolate 
culturable colonies from each other). A combination of these methods will isolate 
microalgae from their environmental cohorts and reduce the bacterial diversity that 
may be present in planktonic form. However, microalgae produce extracellular 
polymeric substances (EPS) that form a protective film around the microalgae. The 
EPS is rich in nutrients and often has bacteria attached to it (229, 231).  
The second step to obtaining axenic cultures is a physical or chemical 
treatment to remove or kill all the remaining bacteria. Killing the remaining bacteria 
can be achieved with antibiotics, lysozyme treatment (or other enzymes), or by 
treatment with detergents like Tween or Triton (229). Chemical treatments are riskier 
to use on high value strains because some antibiotics or detergents may act 
indiscriminately and kill everything in a culture. 
By combining bacteria that may be identified as having a mutualistic 
relationship with axenic microalgae, synthetic ecology can be employed to artificially 
construct a probiotic community. Synthetic ecology is a relatively new area of study 
that mixes two discrete cell populations to produce co-cultures in order to observe 
how the communities respond (232, 233). It would be expected that bacteria that co-
evolve with microalgae could have a positive effect on the community as a whole, 
and they do (105). However, it was not until recently that it was shown that species of 
bacteria and microalgae with a vastly different evolutionary history can still 





(114). Using synthetic ecology methods to observe the community dynamics of 
simple and controlled microbial consortia will provide invaluable information into the 
bacteria that are either essential or preferential partners for microalgae. 
In the following study, native communities of microalgae were collected from 
ponds fertilized with chicken manure to stimulate blooms of microalgae for 
conversion to biofuel. The microalgal cultures were maintained in liquid media, 
isolated on agar plates, and treated with antibiotics. Axenic status was assessed using 
DAPI staining and showed that several axenic cultures were successfully obtained. 
The resulting microalgae showed heterotrophic characteristics and were identified by 
18S rRNA gene sequencing as belonging to the genus Desmodesmus. Bacteria from 
the same ponds were also isolated and screened for symbiotic activities with 
Scenedesmus sp. HTB1 using an algal-underlay assay. 
4.3 Methods 
4.3.1 Algal and bacterial culturing and isolation 
To culture microalgae indigenous to the ponds, water from each replicate from 
the corresponding day and pond designation was pooled and mixed. The pooled 
sample was inoculated into BG11 liquid medium [17.65 mM of NaNO3; 229.62 μM 
of K2HPO4; 304.29 μM of MgSO4•7H2O; 244.88 μM of CaCl2•2H2O; 31.23 μM of 
citric acid; 22.90 μM of ferric ammonium citrate; 2.97 μM of EDTA (disodium salt); 
188.70 μM of Na2CO3; 46.25 μM of H3BO3; 9.15 μM of MnCl2•4H2O; 772.04 nM of 
ZnSO4•7H2O; 1.61 μM of NaMoO4•2H2O; 494.96 nM of CuSO4•5H2O; 270.03 nM 





subcultured once a month for two months and then on average every eight days for 
four weeks. Cultures were subsequently spread onto BG11 agar plates made with 10 
g/L of agarose and allowed to grow at ambient temperature and light. Each isolation 
took place between the second and sixth subculturing. Unique and individual colonies 
were subsequently isolated onto a BG11 agarose plate and then recovered in liquid 
BG11 to give 24 isolated cultures. Bacterial and algal counts were performed on the 
resultant cultures that had been subcultured 13 to 14 times. The isolated algal cultures 
were subcultured into the antibiotic-containing media circa the seventh passage. The 
twelve surviving bacterial and algal cultures were counted prior to the third passage, 
nine of these twelve cultures survived until the eighth passage and had the bacterial 
and algal counts performed.  
To isolate bacterial representatives from the ponds, water from the previously 
described pooled sample was serially diluted and cultured on R2A plates at 27oC for 
48 hours. Individual bacterial colonies forming unique morphologies on plates were 
isolated from each sampling date. Cultures were cryopreserved at -80oC in a solution 
of 1:1:2 glycerol:H2O:R2B within a 96-well plate. 
4.3.2 Antibiotic treatment 
Isolated cultures in liquid medium were subsequently passed into a fresh 
aliquot of their respective medium containing 100 U/mL penicillin G, 250 µg/mL 
streptomycin, 25 U/mL polymyxin B, and 1 µg/mL chloramphenicol (234). Cultures 
were allowed to grow at ambient light (~10 µE) and temperature (~24oC) in a static 





Subsamples were fixed in 4% formaldehyde upon the second and seventh passage to 
enumerate the bacterial load in each sample. 
After the eleventh sub-culturing, 100 µL of the algal cultures were spread onto 
R2A agar plates and incubated in the dark at 27oC for 1 week. Algal colonies that 
appeared after incubation were subsequently cultured into a fresh aliquot of BG11 
medium. All cultures were subcultured every 14-21 days. 
4.3.3 Bacterial:algal ratios and algal identification 
One-week-old cultures were fixed in 2% formaldehyde overnight at 4oC, 
stained with 300 M of DAPI, and filtered onto 0.1 µm black polycarbonate filters. 
Epifluorescence microscopy was used to enumerate the bacteria and microalgae. 
Chlorophyll autofluorescence was used to count the primary producing microbes 
identified as microalgae. The bacteria-to-algae ratio was calculated to determine the 
bacterial load in each culture. Light microscopy was performed on the re-isolated 
antibiotic treated cultures to assess if the cultures were a single unialgal isolate. Both 
the light microscopy and epifluorescent microscopy were performed with a Zeiss 
AxioPlan microscope. DAPI-stained cells were counted visualizing the staining with 
Zeiss filter set 49 (G: 365; FT: 395; BP: 445/50). Photosynthetic microalgae were 
counted on the basis of their morphology and autofluorescence, visualized using Zeiss 
filter set 43 (BP: 545/20; FT: 570; BP: 605/70). 
DNA from cultures visually identified as an algal monoculture was extracted 
using MoBio PowerPlantTM Pro kits. The 18S rRNA gene was amplified and 
sequenced using P73F (5’-AATCAGTTATAGTTTATTTGRTGGTACC-3’) and 





aligned with the Basic Local Alignment Search Tool (BLAST) from the National 
Center for Biotechnology Information (NCBI). 
4.3.4 Screen for algal-bacterial interactions 
An algal underlay assay was developed to screen for potential symbiotic 
interactions between bacteria and a model alga. Single well 11.4 x 7.3 cm plates with 
R2A medium were inoculated with 2.0 x 106 cells of Scenedesmus sp. HTB1 (2.4 x 
104 cells/cm) and the algal cells were allowed to adsorb to the agar for 24 hours at 
room temperature in the light. Isolated bacteria from the ponds were stamped on to 
the algae plates using a 96-pin replicator. Plates were incubated at room temperature 
in daylight, exposed to an average of 9.4 µE of light. Each plate was observed daily to 
monitor bacterial colony development and algal growth. Isolates that were identified 
as having either a growth enhancing or growth inhibiting effect were photographed 
and identified with 16S rRNA gene sequencing with the universal 16S primers 27F 
(5’-AGAGTTTGATCMTGGCTCAG-3’) and 1492R (5’-
TACGGYTACCTTGTTACGACTT-3’). 
4.4 Results 
4.4.1 Algal culturing and treatment 
Direct microscopic counts of each of the subsequent treatments revealed a 
general trend toward achieving axenic status (Fig. 4.1). Holm’s adjusted p-values 
from a pairwise Wilcoxon rank sum test show the most significant differences occur 
between the bacteria:algae ratios of the stock cultures and the isolated cultures post-





cultures could not be recovered after each treatment. The nine remaining cultures, 
each originating from one of 25 initial cultures, showed an identical pattern to that of 
the entire culture collection (Fig. 4.2 and Fig 4.3). These remaining samples and their 
source-stock culture were compared using the Holm’s adjusted p-values of a pairwise 
Wilcoxon rank sum test. The most significant difference was found between isolated 
cultures and the seventh post-antibiotic treatment passage (Isolation:Ab.7 p= 0.023). 
There was also significant reduction between the bacterial load for both the 
antibiotic cultures and the isolated cultures (isolation:Ab.2 p = 0.0206; isolation:Ab.7 
p = 0.0296) (Fig. 4.1). Contrary to expectations, isolating the microalgae appeared to 
enrich for bacteria as there was a significant increase in the bacterial numbers after 
isolation (stock:isolation p = 0.0046). Interestingly, Ab.7 cultures had the fewest 
bacteria in the cultures but was significantly more abundant in algal cells than the 
laboratory maintained stock culture (stock:Ab.7 p = 0.020). 
Of the nine remaining cultures, four samples appeared to be axenic. The 
surviving cultures were plated onto R2A agar to screen for bacterial colony 
formation; no colony growth was observed. Green algal colonies forming on the R2A 
plates were isolated and recovered in BG11 media. These isolated cultures were 
further characterized by 18S rRNA gene sequencing and aligning with the BLAST 
NCBI database. Each of the remaining seven cultures were identified to be of the 
genus Desmodesmus. Light microscopy images of the cultures showed several 






Figure 4.1: Boxplot of bacteria and algae. Counts are given per milliliter for each 
subsequent treatment of the surviving cultures. “Stock” treatment refers to the culture as it 
has been maintained in the laboratory with minimal manipulation. “Isolation” treatment refers 
to a culture that has been isolated on agar plates and subsequently transferred and grown in 
liquid media. “Ab.2” and “Ab.7” are the cultures that were treated with antibiotics and 






Figure 4.2: Boxplot of bacteria-to-algae ratio of culture collection. Each subsequent 
treatment are counts of cultures sustained at time of sampling. “Stock” treatment refers to the 
culture as it has been maintained in the laboratory with minimal manipulation. “Isolation” 
treatment refers to a culture that has been isolated on agar plates and subsequently transferred 
and grown in liquid media. “Ab.2” and “Ab.7” are the cultures that were treated with 






Figure 4.3: Boxplot of bacteria-to-algae ratio of final cultures. Each subsequent treatment 
is a parent of the proceeding culture. “Stock” treatment refers to the culture as it has been 
maintained in the laboratory with minimal manipulation. “Isolation” treatment refers to a 
culture that has been isolated on agar plates and subsequently transferred and grown in liquid 
media. “Ab.2” and “Ab.7” are the cultures that were treated with antibiotics and subcultured 






4.4.2 Screen for algal-bacterial interactions 
Plates were incubated for 14 days at room temperature and the growth of the 
algae showed three patterns in response to the bacteria. The algae growing adjacent to 
the bacterial colony showed: 1. growth inhibition, shown as a lack of algal growth; 2. 
growth enhancement, shown as a ring of algae more dense than the surrounding area; 
or 3. commensal growth, normal growth despite the proximity of the bacterial colony. 
Using 16S rRNA gene sequencing, three strains that inhibited algal growth were 
identified as Rhodobacter sp., Chryseobacterium sp., and Serratia sp.  Another two 
strains identified as Cloacibacterium sp., and Rudenella sp. displayed growth 
enhancement effects (Fig. 4.4). 
4.5 Discussion 
All the microalgal cultures that were used in the experiment were isolated 
from the experimental ponds in 2016. Using culture-based agar methods to separate 
the microalgae from their bacterial cohorts proved to be ineffective in reducing the 
bacterial load on the algae. However, it is likely that the isolation process only 
retained bacteria that are naturally closely associated with the microalgal culture 
rather than those that are free-living or planktonic. To remove the closely associated 
bacteria from the microalgae, an antibiotic cocktail containing penicillin G, 
streptomycin, polymyxin B, and chloramphenicol was prepared in media ready for 
subculturing the microalgae. This antibiotic cocktail was originally optimized by 
Tatewaki (1989) to produce axenic cultures of seaweed, a form of macroalgae (234). 
It has been found that this antibiotic cocktail is sufficient to make cultures axenic or 





use of antibiotics is not a novel approach to obtain axenic cultures but has been 
proven to be an effective tool to remove bacteria from microalgal cultures (229, 235, 
236). Antibiotic treatment resulted in a reduction in the ratio of bacterial:algal cells, 
indicating that the bacteria are more susceptible to the antibiotics, as expected. 
Antibiotic treatment did not permit many of the cultures to grow, selecting for the 
microalgal cultures that are most tolerant to these antibiotics or to the lack of bacterial 
symbionts. The most significant differences were between the initial isolation of stock 
cultures and the seventh passage after antibiotic treatment followed by the stock 
cultures and the seventh passage after antibiotic treatment. No differences were found 
with the second passage after the antibiotic treatment perhaps because bacteria that 
are not killed or lysed with the antibiotics may still be alive but not actively dividing. 
The second passage did not dilute out the static bacteria to show a statistically 
significant difference, likely explaining why a statistically significant difference was 
found with the seventh passage.  
Well-defined green microalgal colonies were present in both types of culture 
media. No bacterial colonies were visible after the microalgal cultures were plated on 
BG11 agarose plates nor R2A culture plates to screen for bacterial growth. Green 
algal colonies were picked off and cultured in BG11 medium. Light microscopy was 
used to assess if the isolated cultures were monocultures (Table 4.1). Cultures RAI 3, 
RAI 5, RAI 6, and RAI 7 were considered to be monocultures based on the cellular 
morphologies. All cultures were then classified based on the 18S rRNA gene 
sequence and their alignment with NCBI’s BLAST database. Results of the BLAST 








Figure 4.4: Bacterial colonies exemplifying microalgal-bacterial interactions. Scenedesmus sp. HTB1 growth inhibition [A-E] and growth 
enhancing effects [F-J].  The 16S rRNA gene sequence identified [C] as Rhodobacter sp., [D] Chryseobacterium sp., [E] Serratia sp., [F-I] 





however, that the RAI cultures (antibiotic treated and re-isolated on R2A) became 
contaminated with bacteria from the laboratory. The contaminating bacteria were not 
identified but showed identical morphologies when grown on R2A agar to those that 
could be cultured with a “sterile” media control. Because the cultures were previously 
identified as having little or no bacterial contaminants; the fact that they were able to 
persist when exposed to ambient bacteria reveals that the microalgae may be tolerant 
of foreign bacteria or they may not be adapted to effectively interact with one 
another. 
Desmodesmus is one of very few genera of microalgae that has been known to 
cause infection in immunocompetent humans as well as become parasitic in marine 
fish (237, 238). Recent studies have also shown that Desmodesmus has many 
potential biotechnological applications such as producing lutein, mitigating excess 
nutrients from wastewater, or being harvested for biofuel (239–241). However, 
characterization of the Desmodesmus biomass showed low total fatty acid content 
around 1.4-9.3% in nitrogen replete conditions but could reach its maximum biomass 
with anaerobic digestion wastewater in 14 days (240, 241). It has also been reported 
that two isolates of Desmodesmus are heat tolerant and their total lipid content can 
yield over 50% under nitrogen starvation, making it a potential biofuel feedstock crop 
(242). Considering that these microalgae were isolated from ponds designated for 
biofuel production, these novel strains in culture would make the ideal model to test 
open-pond growth conditions or interactions with bacteria isolated from the algal 
phycosphere.  





Table 4.1: Light microscopy of final isolated cultures. Each culture was molecularly identified as Desmodesmus sp. using 18S 






screen for potential growth effects. Two putative algal responses were observed: growth 
inhibition, classically depicted by a ring of inhibition; and growth enhancement, which 
characterized by a dense ring of algae around the bacterial colony (Fig. 4.4). 16S rRNA gene 
sequence analysis was used to successfully identify three of the inhibitory bacteria as 
Rhodobacter sp., Chryseobacterium sp., and Serratia sp. Rhodobacter and Serratia are members 
of the Proteobacteria phylum, belonging to the α-proteobacteria and the γ-proteobacteria, 
respectively. The Chryseobacterium is part of the Bacteroidetes phylum and a member of the 
Flavobacteriia class. Mayali and Azam (2004) authored a review of algicidal bacteria in marine 
ecosystems in which they described four genera of Gammaproteobacteria and six genera of 
Bacteroidetes that produced algicidal activity against marine eukaryotic microalgae (243). No 
reports have been found that describe specific bacterial: algal associations between Rhodobacter 
sp. and Serratia sp. However, Chryseobacterium sp. had previously been isolated from 
decomposing algal scum that was collected during an alga bloom in China (244). 
Chryseobacterium sp. have been described to exist as either a free-living bacterium or with a 
parasitic lifestyle (245). Considering the algal growth effect screen and the occurrence of 
Chryseobacterium sp. in a decomposing algal mass, it is possible that the Chryseobacterium is an 
opportunistic pathogen of microalgae.  
Conversely, five isolates were identified as growth enhancing bacteria, four belonging to 
the Cloacibacterium genus, also of the class Flavobacteriia, and another strain within the genus 
Rudanella of the class Cytophaga. These growth-enhancing isolates are all members of the 
Bacteroidetes phylum. The two genera are relatively novel in the context of microalgae and have 
only been recently described within the past 12 years. The genus Rudanella was originally 





literature to date has directly examined the associations between a microalga and a Rudanella sp. 
The other growth enhancing bacterial isolate was identified as a free-living bacterium and was 
isolated from untreated wastewater at a water-treatment plant in Oklahoma, USA (248). 
Cloacibacterium sp. have been found in freshwater lake sediments, within the gut of an abalone, 
and with coral and their associated algae (249–251). Recent studies of Cloacibacterium 
normanense have shown they produce extracellular polymeric substances that can be used to 
flocculate wastewater sludge (252, 253). The Bacteroidetes found in this assay 
(Chryseobacterium sp., Cloacibacterium sp., and Rudanella sp.) are all members of the 
Cytophaga-Flavobacterium-Bacteroides group (CFB). The CFB are frequently associated with 
freshwater and marine environments, and they are closely associated with suspended particle 
matter, including microalgae (103, 144, 254–256). Members of the CFB have also been found to 
be closely associated with the cyanobacterial phycosphere and are likely adapted to degrading 
bloom associated hepatotoxins (152, 175). Further research to investigate members of these 
classes will be needed to describe the molecular mechanism whereby the bacteria and algae may 
be interacting.  
4.6 Conclusion 
Bacteria isolated from man-made ponds fertilized to stimulate blooms of microalgae were 
screened for symbiotic interactions with the model alga, Scenedesmus sp. HTB1. The CFB group 
has been found to be closely associated with algae in the aquatic environment. The Cytophage, 
Rudanella sp. showed putative growth enhancing effects, along with four isolates of the 
Cloacibacterium genus. A third member of the CFB group was identified in having growth 
inhibiting effects on the microalgae. This bacterium is also a member of the family 





sequencing technology, omic technologies can be used to molecularly model the mechanisms 
that enable the microalga and the bacterium to interact. 
Using culture-based methods to isolate microalgae is not a new or novel approach of 
obtaining axenic cultures, neither is treatment with antibiotics. However, obtaining a model 
monoculture or axenic strain of a microalgal species native to a studied system will offer 
stronger tools to determine symbiotic relationships or genetic mechanisms for survival. Through 
a process of mechanical separations via isolation streaking and chemically killing bacteria with a 
cocktail of antibiotics, seven cultures survived being grown on solid media and treatment with 
antibiotics. Each surviving culture was genetically identified as belonging to the genus 
Desmodesmus. Desmodesmus species have been found to have remarkable biotechnological 
applications from nutraceutical production to biofuel generation. These cultures derived from 
three different ponds on the same property exhibits the spatial ubiquity of the microalgae; a 
characteristic that makes it a potentially stable model that is tolerant of microbial community 
variability. Successfully isolating and showing axenic viability of these microalgae provides an 
indispensable tool for further research into using open pond cultivation systems to stimulate 






Chapter 5: Conclusions and future directions 
The research that is described in this thesis was in collaboration with Manta Biofuel, 
LLC., a local biofuel company that harvests microalgae to produce biocrude oil that is currently 
being used to replace petroleum-based heating oil (personal communication). The algae collected 
are grown in open-ponds filled with approximately 5 million liters of local stream water. To 
stimulate blooms of the microalgae, approximately 5 tons of chicken manure (fertilizer) from 
local farms was introduced into the ponds. As would be expected, the addition of fertilizer 
significantly increased the nutrient concentrations in the water. By making the ponds eutrophic, 
the environment around the microalgae (termed the phycosphere) changed dramatically and only 
a select microbial community was able to flourish, nearly excluding several phyla. 
Understanding these changes will ultimately allow us to recognize the difference between 
healthy blooms or blooms that will yield a substandard product. By being able to identify the 
bacterial community that leads to a highly productive bloom, these bacteria could be harnessed 
and introduced to stabilize and promote microalgal growth.  
These data give us sequential snapshots of both the bacterial and the microalgal 
community in three different ponds over two years. We were able to see how closely related each 
of the ponds’ native communities were prior to fertilization and then how the communities 
shifted in response to the spike in the nutrient levels. These snapshots provide invaluable 
information on the community of bacteria and microalgae that are most tolerant and responsive 
to high levels of total dissolved nitrogen (TDN), total dissolved phosphorus (TDP), and 
dissolved organic carbon (DOC). Insights into the community development of a microalgal 
bloom tells us which bacteria may be most closely associated with the microalgae, suggesting a 





does not necessarily mean that they are close symbionts or even interact with each other; this is a 
valuable first step in deducing which bacteria may be beneficial symbionts and therefore have 
potential as “probiotic” bacteria for enhancing growth of microalgae.  
To assess the symbiotic interactions between the two domains, bacteria from the ponds 
were purified to screen for growth effects on a purified strain of Scenedesmus sp. HTB1. Two 
types of growth effects were apparent with an algal-underlay assay developed in this study. This 
assay was designed as a medium-throughput method to screen for interactions between 
microalgae and bacterial isolates. We identified several isolates belonging to the phylum 
Bacteroidetes that were able to promote the growth of HTB1. The cultured bacteria were within 
a group commonly known as the Cytophaga-Flavobacterium-Bacteroides (CFB). The CFB are a 
group of bacteria classically associated with microalgal and the cyanobacterial phycosphere, and 
they have a diverse metabolism to break down a variety of carbon sources (103, 144, 175, 254–
256). Throughout the entirety of the experiment the Bacteroidetes phylum remained one of the 
most stable. For these reasons, an additional analysis was performed to look specifically at the 
Bacteroidetes phylum.  
Representatives of the Bacteroidetes phylum that made up at least 0.5% of a time point’s 
community were extracted from the experimental pond data and tracked from day -1 to day 15.  
At the family level, two taxa have nearly reciprocal patterns: the Chitinophagacea and the 
Flavobacteriaceae. The Chitinophagacea family comprises approximately 4% of the 
communities prior to fertilization but is reduced to less than 2% of the community after 
fertilization. Changes observed in this family are primarily explained by the reduction in the 





Figure 5.1: Mean percentages of the phylum Bacteroidetes in the experimental ponds. The most 
variable Bacteroidetes in the experimental ponds: family (top) and genus (bottom). Error bars represent 
the standard error of the mean.  
 
have been isolated from soil, eutrophic reservoirs, freshwater reservoirs, and activated sludge 
(257–260). Recently, three bacterial genomes were sequenced from a non-axenic culture of the 
cyanobacterium Tychonema bourrellyi and identified as belonging to the genera Pseudomonas, 
Flavobacterium, and Sediminibacterium, suggesting a tight ecological association between 
cyanobacteria and heterotrophic bacteria (261).  In agreement with Pinto et al., we also found 
that the Cyanobacteria became less abundant after the ponds had experienced eutrophication 





challenging this suggestion by implying that this family has a general preference for 
photosynthetic byproducts regardless of the microbial origin. We also observed in the eukaryotic 
microalgae data that two species representative of the order Chlamydomonadales became the 
most abundant after fertilization. This data may imply that members of the family 
Flavobacteriaceae and some members of the eukaryotic microalgae order Chlamydomonadales 
are more adapted to deal with high levels of nutrients, possibly in concert with each other.  
The most dominant genus was the genus Flavobacterium, though their abundance varied. 
Flavobacterium was overall more abundant after fertilization but crashed on the sixth day. 
Considering we were observing blooms of microalgae, we would expect to see increases in the 
CFB group. The CFB group are frequently found in eutrophic freshwater reservoirs and 
associated with the algal and cyanobacterial phycosphere (152, 262, 263). We do in fact see 
increases in the abundance of the genera Flavobacterium and Bacteroides of the CFB group, 
particularly at the end of the experiment, but we do not see the genus Cytophaga representing 
more than 0.5% of the community data. However, another relative of Cytophaga, 
Pseudoarcicella of the Cytophagaceae family, reaches its peak on day 15 post-fertilization.  
Importantly, we see family members of the bacteria we have identified as being growth 
promoting with culture-based methods proliferate in the experimental ponds post-fertilization. 
The algal-underlay assays identified two genera capable of promoting the growth of a 
Scenedesmus sp. of microalgae, Cloacibacterium and Rudanella. Rudanella is not detected as 
representing more than 0.5% of the data on any day, but a close relative, Pseudoarcicella, 
became as dominant as the Flavobacterium by day 15. The Cloacibacterium was observed to be 
the most dominant on day 6 post-fertilization and then dramatically loses dominance.  We 





two ammonification systems that putatively explain the growth effect on the model microalgae 
(264). These systems take nitrate and convert it to ammonium. In the two ponds fertilized using 
an active-dispersal method, we witnessed the total dissolved nitrogen begin to dramatically 
decline on the sixth day post-fertilization. This could imply a significant contribution by the 
Cloacibacterium to convert nitrogen species into a more bioavailable compound and suggests a 
functional redundancy in the bacterial communities. To answer the questions of which genes 
within the bacterial-algal consortia may be most reactive to the interactions, RNA-seq or qPCR 
may be employed. This would allow genes of interest, such as the genes in ammonification or 
those involved in the production of the plant auxin indole-3-acetic acid (IAA), to be monitored 
and corroborated with growth effects to elucidate the molecular explanation of microbial 
interactions (110, 265, 266). 
“The great plate count anomaly” describes limitations in microbiological culturing 
techniques that result in culturing approximately 1% of the bacterial cells that can be seen under 
a microscope (267). Our culturing methods relied on using R2A medium specially formulated to 
culture bacteria normally inhabiting potable water. In consideration of “the great plate count 
anomaly”, eutrophication of the water, and the observed shifts in the bacterial composition of the 
ponds, future efforts should utilize a range of culturing media that includes organically complex 
media (i.e. nutrient agar) and varying pH levels. Using a variety of culture medium will result in 
culturing a greater diversity of bacteria and microalgae. 
The present study provides detailed insight into how the native bacteria and eukaryotic 
microalgal communities present in the ponds vary over time, before and after nutrient addition. 
These snapshots give us valuable information into the various taxa that are able to cohabitate the 





Analyses have also demonstrated that the bacteria associated with the chicken manure are either 
intolerant of a freshwater environment or are outcompeted by the native communities. With this 
knowledge, samples of the microalgae can be taken from the ponds as a bloom develops with 
minimal concern that a contaminant will skew the bacterial community composition. Efforts to 
isolate and perform metagenomic analyses on non-axenic monocultures of harvested microalgae 
will offer greater insights into the specificity of the associations between microalgae and their 
symbionts. To complement metagenomic approaches, fluorescent in situ hybridization (FISH) 
should be used to specifically target bacterial groups of interest to identify the frequency with 
which the bacteria are attached or free-living. Moreover, axenic cultures of representative 
eukaryotic microalgae from the ponds would be required to elucidate the true molecular 
mechanisms that explain the symbiotic interactions between the two domains. It is worth noting 
that bacteria derived from other environments and without sharing a co-evolutionary history have 
been shown participate in mutualistic interactions (114). Strategic screening of other plant 
growth-promoting bacteria (PGPB) has great potential to identify foreign mutualistic interactions 
not found within the microalgal phycosphere.  
Several isolates of the chlorophyte genus Desmodesmus were cultured, isolated, and 
treated with antibiotics to reduce the number of bacteria in the cultures. Axenic cultures were 
transiently achieved, demonstrating the viability of a model microalgae devoid of bacteria that 
originated from the experimental ponds. Desmodesmus was not observed to significantly 
influence the eukaryotic microalgal communities but research has shown that it can be applied to 
both wastewater mitigation techniques and/or used for biofuel generation (240, 241). The 
presence of Desmodesmus in these ponds is a useful step towards future studies in which the 





to generate blooms of highly productive microalgae. However, due to the nature of the 
environment in which microalgae are grown in open-ponds, it is important to recognize that 
increasing the growth rate of microalgae also increases the prey population for microalgal-
grazers, potentially leading to culture crashes. Bacteria have been long known to metabolize a 
broad range of organic compounds but they also produce a variety of compounds that are toxic to 
other organisms. Using a similar approach to optimizing the growth and productivity of a 
microalga, bacterial symbionts can be used to protect microalgae from predators. In fact, it has 
been proposed that the microbiome of plants and animals can be engineered to generate a 
healthier host. 
A new area of study called synthetic ecology can be used to create an artificial 
community optimized for mutualistic interactions (232, 233). In this way, a collection of 
bacterial isolates can be described based on their properties and interactions then archived for 
future use. This type of method would enable researchers or production facilities to create their 
own custom probiotic based on their specific needs. Ideally, these types of probiotic co-cultures 
will minimize or eliminate problematic contaminants, improve the growth profile of microalgae, 
and bioremediate wastewater while producing high-value products (268). Efforts from the 
current study have already begun screening hundreds of bacteria for growth effects with HTB1 
with on-going screening continuing with other microalgal genera. 
This research was conducted to parse out the microbial communities that are associated 
with natural assemblages of microalgae used for the generation of biofuel. The communities 
were tracked pre- and post-fertilization and revealed that the eutrophication of the ponds resulted 
in a dramatic decrease in the diversity of both the bacterial and microalgal communities. The 





microbial diversity as well. Our data suggest that the decrease in the diversity of the communities 
may not only be due to the nutrient influx of the ponds, but blooms of microalgae also decrease 
the diversity of the community. It has been illustrated that bacterial communities and microalgal 
communities are influenced by different factors: variability in the bacterial communities were 
most structured on the total dissolved phosphorus and total dissolved nitrogen; microalgal 
communities were most explained by total dissolved phosphorus, water temperature, and 
dissolved organic carbon. It would behoove future studies to take additional parameters such as 
pH, salinity, and chlorophyll-a measurements. Identification of Cloacibacterium sp. and 
Rudanella sp. as microalgal growth promoting bacteria describes a novel and previously 
unidentified characteristic of these bacteria. Molecular data also identified the genus 
Cloacibacterium and a relative of Rudanella, Pseudoarcicella, as being at least transiently 
dominant in the ponds after fertilization. This along with the observed dominance of the 
Chlamydomonadales order suggests a close cooperation for successful proliferation. Though 
growth effects were only observed with Scenedesmus sp. HTB1 (of the order Sphaeropleales) 
and no other microalgae was tested, the relationship between these two algae and the 
Cloacibacterium imply a generalist growth effect that the green-algae can take advantage of. 
Further growth experiments will be required to positively identify them as part of the PGPB 
group. Isolation and identification of bacteria that either promote or inhibit growth of microalgae 
paves the route to properly develop a synthetic community of probiotic bacteria for the use in 






Appendix 1: Supplemental material for Chapter 2 
 
Figure A2.1: Google Maps image of the sampling property in Frederick, MD. [Top] Satellite image 
of the ponds with annotations marking the ponds and location of each sampling site. [Bottom] Google 
Maps representations of the relative location of the source water with an arrow  








Figure A2.2: Identification of spurious OTUs to be removed. The cumulative number of OTUs (y-
axis) with the number of sequences within each OUT (x-axis). The non-treated community (left) and the 
fertilized community (right). The vertical black line represents filtering threshold. The blue dots are the 
cumulative sum of the number of OTUs with x or less sequences. The red dots represent the cumulative 





















Figure A2.5: Alpha rarefaction plot of synthetic control communities. Rarefaction of the control 














Figure A2.7: Relative abundance of genera representing greater than 0.1% of each filter-fraction size. Phyla that represent a minimum of 
0.1% of the community in each pond. Chart 2_F16 and 2_F17 represent control ponds that were never fertilized. The date of sampling is provided 
with percent of the community contributed by each phylum. Experimental ponds are shown in the bottom graphs and the black vertical line 







Figure A2.8: Mean alpha diversity measures of the algal community of each pond over time of each filter-fraction size. The black vertical 
line indicates the time of fertilization. Pond 2_F17 was never fertilized. Error bars indicate the standard error of the mean of each measure. The 







Table A2.1: Kruskal-Wallis tests with post hoc Nemenyi tests of alpha diversity metrics.  Significant p values are in bold-face print. Ties in the 
pairwise post hoc Nemeneyi tests were broken with chi-square distributions. Experimental ponds are on the left and the control pond is on the right. 
 
Control Pond      
Observed OTUs Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 32.0, df = 6, p-value = <0.001 
 -6 -1 0 1 6 12 
-1 0.98 NA NA NA NA NA 
0 1 0.99 NA NA NA NA 
1 1 0.99 1 NA NA NA 
6 0.9 0.42 0.85 0.75 NA NA 
12 0.08 0.0046 0.06 0.03 0.74 NA 
15 0.38 0.06 0.31 0.21 0.98 0.9945 
       
Shannon diversity Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 15.93, df = 6, p-value = 0.014 
 -6 -1 0 1 6 12 
-1 1 NA NA NA NA NA 
0 0.99 0.96 NA NA NA NA 
1 1 1 0.98 NA NA NA 
6 0.93 0.97 0.47 0.94 NA NA 
12 0.84 0.73 1 0.82 0.16 NA 
15 0.76 0.62 0.99 0.73 0.11 1 
       
Pielou J index Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 36.8, df = 6, p-value = <0.001 
 -6 -1 0 1 6 12 
-1 0.99 NA NA NA NA NA 
0 0.69 0.96 NA NA NA NA 
1 0.35 0.76 0.99 NA NA NA 
6 0.02 0.15 0.75 0.95 NA NA 
12 0.0003 0.005 0.15 0.42 0.96 NA 
15 0.9 0.39 0.95 0.99 0.99 0.79 
 
Experimental Ponds       
Observed OTUs Kruskal-Wallis Test; pairwise post hoc Nemenyi tests  
chi-squared = 19.8, df = 6, p-value = 0.001  
 -6 -1 0 1 6 12  
-1 1 NA NA NA NA NA  
0 1 1 NA NA NA NA  
1 0.94 1 1 NA NA NA  
6 0.17 0.21 0.21 0.56 NA NA  
12 0.65 0.83 0.85 0.99 0.96 NA  
15 0.3 0.4 0.41 0.79 0.99 1  
         
Shannon diversity Kruskal-Wallis Test; pairwise post hoc Nemenyi tests  
chi-squared = 19.4, df = 6, p-value = 0.003  
 -6 -1 0 1 6 12   
-1 0.93 NA NA NA NA NA   
0 0.84 1 NA NA NA NA   
1 0.85 1 1 NA NA NA   
6 0.11 0.47 0.66 0.63 NA NA   
12 0.41 0.92 0.98 0.98 0.99 NA   
15 0.08 0.38 0.57 0.54 1 1   
         
Pielou J index Kruskal-Wallis Test; pairwise post hoc Nemenyi tests  
chi-squared = 18.7, df = 6, p-value = 0.004  
 -6 -1 0 1 6 12  
-1 0.88 NA NA NA NA NA  
0 0.72 1 NA NA NA NA  
1 0.85 1 1 NA NA NA  
6 0.14 0.69 0.89 0.73 NA NA  
12 0.38 0.96 0.99 0.97 0.99 NA  






Table A2.2: Kruskal-Wallis tests with pairwise post hoc Nemenyi tests of alpha diversity metrics of x>1m filter fraction.  Significant p values 
are in bold-face print. Ties in the pairwise post hoc Nemeneyi tests were broken with chi-square distributions.  
 
  
Experimental Ponds x>1um Fraction 
Observed OTUs Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 9.1, df = 6, p-value = 0.17 
 -6 -1 0 1 6 12  
-1      
 
 
0      
 
 
1      
 
 
6      
 
 
12        
15        
        
Shannon diversity Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 11.0, df = 6, p-value = 0.08 
 -6 -1 0 1 6 12  
-1      
 
 
0      
 
 
1      
 
 
6      
 
 
12        
15        
        
Pielou J index Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 11.9, df = 6, p-value = 0.06 
 -6 -1 0 1 6 12  
-1      
  
0      
  
1      
  
6      
  
12        
15        
 
Control Pond x>1um Fraction  
Observed OTUs Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 19.1, df = 6, p-value = 0.004 
 -6 -1 0 1 6 12 
-1 0.98 NA NA NA NA NA 
0 0.99 1 NA NA NA NA 
1 0.82 0.99 0.99 NA NA NA 
6 0.99 0.83 0.92 0.49 NA NA 
12 0.79 0.24 0.36 0.06 0.97 NA 
15 0.97 0.56 0.71 0.22 1 0.99 
       
Shannon diversity Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 18.9, df = 6, p-value = 0.004 
 -6 -1 0 1 6 12 
-1 1 NA NA NA NA NA 
0 0.91 0.99 NA NA NA NA 
1 0.93 0.99 1 NA NA NA 
6 0.27 0.51 0.94 0.93 NA NA 
12 0.06 0.17 0.66 0.62 0.99 NA 
15 0.43 0.69 0.99 0.98 1 0.98 
   
 
   
Pielou J index Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 19.3, df = 6, p-value = 0.004 
 -6 -1 0 1 6 12 
-1 0.99 NA NA NA NA NA 
0 0.93 0.99 NA NA NA NA 
1 0.87 0.99 1 NA NA NA 
6 0.19 0.47 0.87 0.93 NA NA 
12 0.05 0.19 0.58 0.69 0.99 NA 






Table A2.3: Kruskal-Wallis tests with pairwise post hoc Nemenyi tests of alpha diversity metrics of 1m>x>0.22m filter fraction.  Significant 
p values are in bold-face print. Ties in the pairwise post hoc Nemeneyi tests were broken with chi-square distributions.  
 
 
Experimental Ponds 1um>x>0.22um Fraction  
Observed OTUs Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 18.7, df = 6, p-value = 0.005 
 -6 -1 0 1 6 12 
-1 1 NA NA NA NA NA 
0 1 1 NA NA NA NA 
1 0.97 0.97 1 NA NA NA 
6 0.24 0.12 0.27 0.6 NA NA 
12 0.71 0.62 0.86 0.99 0.97 NA 
15 0.52 0.38 0.65 0.91 1 1 
        
Shannon diversity Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 19.2, df = 6, p-value = 0.004 
 -6 -1 0 1 6 12 
-1 0.99 NA NA NA NA NA 
0 0.92 1 NA NA NA NA 
1 0.87 0.99 1 NA NA NA 
6 0.22 0.42 0.73 0.84 NA NA 
12 0.28 0.52 0.82 0.9 1 NA 
15 0.15 0.28 0.59 0.71 1 1 
        
Pielou J index Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 17.6, df = 6, p-value = 0.007 
 -6 -1 0 1 6 12 
-1 0.99 NA NA NA NA NA 
0 0.83 0.99 NA NA NA NA 
1 0.89 1 1 NA NA NA 
6 0.41 0.72 0.98 0.96 NA NA 
12 0.28 0.54 0.93 0.88 1 NA 
15 0.11 0.23 0.68 0.57 0.99 1 
 
Control Pond 1um>x>0.22um Fraction  
Observed OTUs Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 17.7, df = 6, p-value = 0.007 
 -6 -1 0 1 6 12 
-1 0.99 NA NA NA NA NA 
0 0.99 0.92 NA NA NA NA 
1 0.98 0.87 1 NA NA NA 
6 0.92 0.67 0.99 1 NA NA 
12 0.24 0.07 0.67 0.758 0.92 NA 
15 0.47 0.187 0.88 0.928 0.99 1 
       
Shannon diversity Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 18.6, df = 6, p-value = 0.005 
 -6 -1 0 1 6 12 
-1 1 NA NA NA NA NA  
0 0.97 0.99 NA NA NA   NA 
1 0.79 0.91 0.99 NA NA   NA 
6 0.66 0.82 0.99 1 NA   NA 
12 0.07 0.14 0.54 0.85 0.928   NA 
15 0.27 0.43 0.87 0.987 0.99 0.99 
   
 
   
Pielou J index Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 17.8, df = 6, p-value = 0.007 
 -6 -1 0 1 6 12 
-1 0.99 NA NA NA NA NA  
0 0.94 0.99 NA NA NA NA  
1 0.39 0.73 0.97 NA NA NA  
6 0.47 0.79 0.98 1 NA NA  
12 0.05 0.19 0.54 0.98 0.97   NA 






Figure A2.9: Change in relative abundance of the most variable classes captured on each filter size. 
Classes that explain 50% of the differences between each day plotted over time to show temporal 
variation in the communities. The percent of the community is based on the normalized sum of each days’ 
community abundance. The data from experimental ponds 1_F16, 5_F16, and 1_F17. Error bars represent 











Table A3.1: Pairwise Kruskal-Wallis post hoc Nemenyi tests of bacterial and algal counts from 2017.  Significant p values are in bold-face print. 
Ties in the post hoc Nemenyi tests were broken with chi-square distributions. 
 
 2_F17      
Algae mean 
chi-squared = 14.0, df = 6, p-value = 0.029   
  -6 -1 0 1 6 12 
-1 0.56 NA NA NA NA NA 
0 1 0.65 NA NA NA NA 
1 0.99 0.76 0.99 NA NA NA 
6 0.45 0.99 0.54 0.65 NA NA 
12 0.099 0.97 0.14 0.19 0.99 NA 
15 0.48 1 0.56 0.67 1 0.99 
       
Bacteria mean Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 13.5, df = 6, p-value = 0.035   
  -6 -1 0 1 6 12 
-1 0.74 NA NA NA NA NA 
0 0.65 1 NA NA NA NA 
1 0.28 0.99 0.99 NA NA NA 
6 0.39 0.99 0.99 0.99 NA NA 
12 0.99 0.43 0.35 0.099 0.16 NA 
15 0.99 0.92 0.87 0.52 0.65 0.98 
       
Bacteria:Algae ratio Kruskal-Wallis Test; pairwise post hoc Nemenyi 
tests 
chi-squared = 12.8, df = 6, p-value = 0.046 
  -6 -1 0 1 6 12 
-1 0.18 NA NA NA NA NA 
0 0.99 0.61 NA NA NA NA 
1 0.84 0.92 0.99 NA NA NA 
6 0.039 0.99 0.24 0.61 NA NA 
12 0.35 0.99 0.81 0.99 0.97 NA 
15 0.78 0.96 0.99 1 0.69 0.99 
 
1_F17      
Algae mean Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 12.8, df = 6, p-value = 0.045   
  -6 -1 0 1 6 12 
-1 0.85 NA NA NA NA NA 
0 0.85 1 NA NA NA NA 
1 0.19 0.93 0.93 NA NA NA 
6 0.13 0.79 0.79 0.99 NA NA 
12 0.039 0.59 0.59 0.99 1 NA 
15 0.59 0.99 0.99 0.99 0.94 0.85 
       
Bacteria mean Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 14.3, df = 6, p-value = 0.026   
  -6 -1 0 1 6 12 
-1 0.99 NA NA NA NA NA 
0 0.73 0.97 NA NA NA NA 
1 0.025 0.14 0.64 NA NA NA 
6 0.32 0.68 0.98 0.99 NA NA 
12 0.19 0.55 0.97 0.99 1 NA 
15 0.46 0.85 0.99 0.88 0.99 0.99 
       
Bacteria:Algae ratio Kruskal-Wallis Test; pairwise post hoc Nemenyi 
tests 
chi-squared = 13.6, df = 6, p-value = 0.034 
  -6 -1 0 1 6 12 
-1 0.59 NA NA NA NA NA 
0 0.88 0.99 NA NA NA NA 
1 0.90 0.99 1 NA NA NA 
6 0.057 0.82 0.55 0.51 NA NA 
12 0.039 0.85 0.55 0.51 0.99 NA 







Figure A3.1: Identification of spurious OTUs to be removed. The number of OTUs with the number of sequences within an OUT. The non-
treated community (left) and the fertilized community (right).  The vertical black line represents filtering threshold. The blue dots are the 







Figure A3.2: Alpha rarefaction plot of algal control communities. Rarefaction of the control 














Table A3.2: Pairwise Kruskal-Wallis post hoc Nemenyi tests of bacterial and algal counts from 2017.  Significant p values are in bold-face print. 
Ties in the post hoc Nemenyi tests were broken with chi-square distributions. 
 Control Pond      
Observed OTUs Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 15.86, df = 6, p-value = 0.014   
  -6 -1 0 1 6 12 
-1 0.84 NA NA NA NA NA 
0 0.91 1 NA NA NA NA 
1 0.91 1 1 NA NA NA 
6 0.93 1 1 1 NA NA 
12 0.99 0.36 0.47 0.47 0.51 NA 
15 0.99 0.4 0.51 0.51 0.54 1 
       
Shannon diversity Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 15.93, df = 6, p-value = 0.014   
  -6 -1 0 1 6 12 
-1 1 NA NA NA NA NA 
0 0.99 0.96 NA NA NA NA 
1 1 1 0.98 NA NA NA 
6 0.93 0.97 0.47 0.94 NA NA 
12 0.84 0.73 1 0.82 0.16 NA 
15 0.76 0.62 0.99 0.73 0.11 1 
       
Pielou J index Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 17.32, df = 6, p-value = 0.008   
  -6 -1 0 1 6 12 
-1 0.98 NA NA NA NA NA 
0 1 0.99 NA NA NA NA 
1 0.99 1 0.99 NA NA NA 
6 0.65 0.99 0.73 0.98 NA NA 
12 0.99 0.65 0.97 0.69 0.16 NA 
15 0.93 0.43 0.89 0.47 0.069 1 
 
Experimental Ponds      
Observed OTUs Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 21.9, df = 6, p-value = 0.001   
  -6 -1 0 1 6 12 
-1 1 NA NA NA NA NA 
0 1 1 NA NA NA NA 
1 0.93 0.84 0.87 NA NA NA 
6 0.91 0.77 0.81 1  NA 
12 0.32 0.085 0.12 0.88 0.89 NA 
15 0.46 0.17 0.22 0.96 0.96 1 
       
Shannon diversity Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 16.82, df = 6, p-value = 0.009   
  -6 -1 0 1 6 12 
-1 1 NA NA NA NA NA 
0 1 1 NA NA NA NA 
1 1 1 1 NA NA NA 
6 0.85 0.92 0.87 0.92 NA NA 
12 0.34 0.31 0.25 0.33 0.95 NA 
15 0.63 0.68 0.59 0.68 1 1 
       
Pielou J index Kruskal-Wallis Test; pairwise post hoc Nemenyi tests 
chi-squared = 16.74, df = 6, p-value = 0.01 
  -6 -1 0 1 6 12 
-1 1 NA NA NA NA NA 
0 1 1 NA NA NA NA 
1 1 1 1 NA NA NA 
6 0.83 0.95 0.92 0.8 NA NA 
12 0.34 0.4 0.37 0.21 0.96 NA 









Figure A3.4:  18S rRNA gene PCR for the filter fraction 1 µm > x ≥ 0.22 µm from the 
2017 ponds. Pond 1 (top) showed an enrichment for 18S rRNA gene sequence. Bands were 
excised and sequenced to identify them as belonging to order Chlamydomonadales.  
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